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ABSTRACT: Cellulosomes are polyprotein machineries that eﬃciently degrade
cellulosic material. Crucial to their function are scaﬀolds consisting of highly
homologous cohesin domains, which serve a dual role by coordinating a multiplicity
of enzymes as well as anchoring the microbe to its substrate. Here we combined two
approaches to elucidate the mechanical properties of the main scaﬀold ScaA of
Acetivibrio cellulolyticus. A newly developed parallelized one-pot in vitro transcription− translation and protein pull-down protocol enabled high-throughput
atomic force microscopy (AFM)-based single-molecule force spectroscopy (SMFS)
measurements of all cohesins from ScaA with a single cantilever, thus promising
improved relative force comparability. Albeit very similar in sequence, the hanging cohesins showed considerably lower unfolding
forces than the bridging cohesins, which are subjected to force when the microbe is anchored to its substrate. Additionally, allatom steered molecular dynamics (SMD) simulations on homology models oﬀered insight into the process of cohesin unfolding
under force. Based on the diﬀerences among the individual force propagation pathways and their associated correlation
communities, we designed mutants to tune the mechanical stability of the weakest hanging cohesin. The proposed mutants were
tested in a second high-throughput AFM SMFS experiment revealing that in one case a single alanine to glycine point mutation
suﬃces to more than double the mechanical stability. In summary, we have successfully characterized the force induced unfolding
behavior of all cohesins from the scaﬀoldin ScaA, as well as revealed how small changes in sequence can have large eﬀects on
force resilience in cohesin domains. Our strategy provides an eﬃcient way to test and improve the mechanical integrity of protein
domains in general.

■

INTRODUCTION
Multidomain protein scaﬀolds organize cellulolytic enzymes
and provide adhesion between the host cell and its substrate. In
cellulosomes, these so-called scaﬀoldins utilize various
orthogonal high-aﬃnity receptor− ligand interactions between
cohesins and dockerins to anchor themselves to the cell’s
exterior membrane and to coordinate a broad arsenal of
cellulolytic enzymes.1− 3 Cellulosomes are extracellular polyprotein complexes produced by many microorganisms for the
eﬃcient degradation of cellulose and hemicellulose, two of
nature’s most abundant polymers. In addition to multiple
repeats of cohesin domains, scaﬀoldins may also contain other
ancillary domains, such as enzymatic subunits or carbohydratebinding modules (CBMs).4 Cellulosomes represent an advantageous strategy compared to the secretion of freely soluble
enzymes for cellulose degradation, because they achieve both
robust adhesion to the substrate and synergistic and
cooperative interplay between the enzymes. This complex
synergy is based on the spatial organization and enhanced local
© 2017 American Chemical Society

concentration. Due to their remarkable ability to achieve these
complex tasks, cellulosomes have become a prime instructive
example of molecular systems oﬀering modularity, selfassembly, and highly eﬃcient enzymatic catalysis.5 Aside from
the unique role they play in the degradation of cellulolytic
material, cellulosomal scaﬀoldins are especially interesting as
building blocks in a biotechnological toolbox. Cohesin−
dockerin interactions with orthogonal speciﬁcities can be used
to post-translationally incorporate selected enzymes or other
auxiliary domains in speciﬁc locations by self-assembly within
rationally designed multicomponent complexes.6− 8
In this study, we focused on a scaﬀoldin of the cellulosomeproducing organism Acetivibrio cellulolyticus, a gram-negative,
anaerobic bacterium found in mechanically demanding environments, such as sewage sludge9 or the bovine rumen.10 Although
A. cellulolyticus expresses an exceptionally branched and diverse
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Figure 1. Simpliﬁed schematics of the cellulosome of A. cellulolyticus. The scaﬀoldin ScaA binds up to 7 cellulolytic enzymes via cohesin− dockerin
interactions and attaches the multienzyme complex to the cellulose microﬁbril through a CBM module, ensuring close proximity of the enzymes and
substrate. Simultaneously, ScaA anchors the assembled cellulosome to the cell wall of the microbe via a type-II cohesin− dockerin complex. The
bridging cohesins 4− 7 in particular have to withstand the forces between the cellulose ﬁbril and microbe caused by ﬂow gradients in the
environment.

cellulosome,11 the assembly of the majority of its cellulolytic
enzymes relies mainly on a single scaﬀoldin (ScaA)12 (Figure
1). Simultaneously, ScaA has the essential function of targeting
speciﬁc substrates and anchoring the cell to the cellulose ﬁbril
via its single CBM. ScaA therefore serves a dual purpose for the
organism by incorporating catalytic modules into the
cellulosome complex and by adhering the bacterium to the
cellulosic substrate, making it the key player in A. cellulolyticus
cellulosome.
ScaA consists of an N-terminal glycoside hydrolase domain,
seven type-I cohesins, a CBM located between cohesins 3 and
4, and a C-terminal type-II dockerin domain. Cohesins 4
through 7 are located between the CBM and the anchoring
type-II Doc and form the so-called “bridging” region of the
scaﬀoldin, while cohesins 1 through 3 are located exterior from
the CBM and form the “hanging” region of this scaﬀoldin. It
had been hypothesized that the cohesins of the bridging region
will be subjected to higher mechanical stress compared to the
hanging cohesins because the CBM anchors the cell to the
cellulose substrate and the domains located within the hanging
region are not expected to be mechanically stressed in vivo.13
The organism may have adapted the bridging cohesins to these
conditions, and therefore, they should be able to withstand
higher mechanical stress in order to maintain a folded structure.
This hypothesis of bridging versus hanging cohesins within
cellulosomal scaﬀoldins has previously been successfully tested
in part for the CipA scaﬀoldin of Clostridium thermocellum.
These prior results showed that cohesins from the bridging
region withstood higher unfolding forces compared to those
from the hanging region.13 This behavior has been attributed to
slight diﬀerences in the stability of the mechanical clamp motifs,
which are structural elements formed by backbone hydrogen
bonds between parallel β-strands of the N- and C-terminal ends
of the cohesin protein domains.
Since the mechanobiology of cellulosomes is key to their
function, we investigated the mechanostability of cohesins of
the ScaA scaﬀoldin as well as several derived mutants at the
single molecular level. The high sequence similarity between
the selected cohesins raises the question of how diﬀerently
these cohesins withstand mechanical stress. It is known that
small variations in cohesin primary sequences are responsible
for determining the speciﬁcity of interactions with their
dockerin binding partners,14,15 but very little is known about

how sequence variations aﬀect mechanical stability. To address
these points, we performed automated atomic force microscope
(AFM)-based single molecule force spectroscopy (SMFS)
experiments, a technique that has been established as a robust
standard approach to investigate the mechanics of individual
molecules.16− 22 The fast dynamics and particularly the large
force range of AFM-SMFS made it a prime choice for our
investigations. To ensure improved relative force comparability
and high experimental throughput, we developed a parallelized
AFM sample preparation method, which utilizes a one-step
protein expression and surface immobilization protocol which
is a simpliﬁed and easy-to-use version of work previously
introduced by our group.23 At the same time, we carried out
steered molecular dynamics (SMD) simulations on structural
protein models derived from a homology modeling strategy,
which improved our understanding of the cohesin mechanostability at the submolecular level. By employing cross-correlation
based network analysis on simulation trajectories, we identiﬁed
regions involved in structural stability outside the mechanical
clamp motif and proposed mutations to pin down single crucial
amino acids involved in fold strength. This so-called dynamical
network analysis has been successfully employed before to
investigate force propagation pathways in cohesin− dockerin
complexes24 and in ﬁlamins.25 We tested the proposed mutants
experimentally to verify the inﬂuence of the proposed
alterations on mechanical stability. Employing this combined
computational/experimental approach, we were able to predict
and verify, among others, a single point mutation outside of the
mechanical clamp motif of cohesin 1, which increased its
mechanical stability 2.6-fold. The ability to predict such a
remarkable diﬀerence in mechanostability reveals the potential
of our combined approach to characterize and manipulate the
mechanical properties of protein domains.

■

RESULTS
AFM-Based SMFS. As speciﬁc pulling handles throughout
this study we used a type-III cohesin− dockerin complex
(Coh3:XDoc3) from Ruminococcus f lavefaciens, which ensured a
high yield of single-molecule interaction curves because of its
high speciﬁcity and long-term stability. This pulling handle
enabled the unfolding of mechanically rigid cohesins due to its
high receptor− ligand rupture force of more than 600 pN.26 It is
important to note here that the Coh3:XDoc3 interaction, which
17842

DOI: 10.1021/jacs.7b07574
J. Am. Chem. Soc. 2017, 139, 17841− 17852

Journal of the American Chemical Society

Article

Figure 2. Schematics of the experimental design and exemplary force curve. (a) A multiwell mask is attached to a glass slide, and the surface is
functionalized with PEG− Coenzyme A. In a one-pot reaction, an IVTT-kit expresses the proteins of interest containing a ybbR-tag at their Ntermini, and an XDoc3 domain at their C-termini. Sfp catalyzes a reaction to bind the constructs site-speciﬁcally and covalently to the PEG− CoA
spacers. After removal of the multiwell mask, the diﬀerent constructs are probed by the same AFM tip in an automated fashion. (b) Exemplary
force− distance trace showing the unfolding of ybbR− cohesin− XDoc3 immobilized on the surface and the Coh3− ddFLN4− ybbR bound to the
cantilever, when the cantilever is retracted from the surface with constant speed. A typical curve shows a two-step unfolding and subsequent
stretching of the ddFLN4 ﬁngerprint domain (blue), followed by the unfolding (indicated by an arrow) and stretching of the cohesin domain under
investigation (red) and a ﬁnal rupture of the Coh3:XDoc3 complex.

we employed as a speciﬁc pulling handle, is orthogonal to the
ScaA cohesin domains that were unfolded under force and thus
does not interact with them. ScaA cohesin domains from the
bridging or hanging region were cloned in frame with XDoc3
and synthesized using cell-free expression (see below). The
cohesins of interest therefore carried the XDoc3 domain at
their C-termini, which was able to bind to the Coh3 on the
cantilever. The cantilever carried covalently and site-speciﬁcally
immobilized Coh3 domains, which were recombinantly expressed as fusion proteins with the fourth immunoglobulin rod
ﬁlamin domain from Dictyostelium discoideum (ddFLN4).27,28
We used the ddFLN4 as ﬁngerprint domain within the
molecular chain to reliably rule out data traces with unspeciﬁc
or multiple interactions. The ﬁngerprint domain unfolds at
relatively low forces (∼ 100 pN) and its contour length
increment (∼ 34 nm) diﬀers signiﬁcantly from the expected
contour length increments of the cohesins (∼ 45 nm).
Furthermore, based on our experience we knew that ddFLN4
reliably refolds following mechanical unfolding when bound to
the cantilever.
As calibration errors of up to 15% come with cantilever-based
force measurements,29 the precision and therefore the
comparability of individual SMFS experiments is limited by
the accuracy of the calibration of the cantilever spring constant.
This limitation can be circumvented by presenting a set of
molecules in a covalently linked microarray format on a single
glass slide in predetermined positions.23 Taking advantage of
this setup, the proteins of interest can all be measured with a
single cantilever in a high-throughput fashion, and large sets of
molecular constructs can be compared in a single AFM
measurement session. Although the systematic error of
cantilever calibration will still be up to 15%, the relative
stability of the proteins can be assessed with extremely high

precision, allowing us to detect diﬀerences in stability well
below 15%.
We have previously reported the use of microﬂuidics in
combination with an intricate multistep in vitro on-chip protein
expression and covalent surface attachment protocol.23 Here we
were able to reduce the complexity of the setup signiﬁcantly,
gaining throughput as well as ﬂexibility. We developed a new
sample preparation protocol, which is schematized in Figure 2a.
Brieﬂy, a silicone mask was placed on a glass slide to form
microwells, and the resulting spots were covalently functionalized with PEG− Coenzyme A. The individual wells were ﬁlled
with an in vitro transcription/translation (IVTT) system, along
with the plasmid DNA encoding for the fusion proteins and
phosphopantetheinyl transferase (Sfp).30 In a single incubation
step, this mixture resulted in cell-free protein synthesis, and
simultaneous covalent ligation of the protein library onto the
surface through a ybbR-tag30 at the N-terminus. The mask was
removed from the glass slide and the spatially separated protein
spots were probed in series using a single functionalized
cantilever. The combination of a site-speciﬁc N-terminal
enzyme-mediated immobilization strategy, and a speciﬁc Cterminal pulling handle ensured that only fully expressed
constructs were probed by the AFM. We recorded 2000 pulling
cycles per protein spot while continuously cycling through the
array in an automated fashion. No further user interaction was
required after the start of the experiment, which allowed longterm multiday measurements to build up large statistics for each
construct.
A typical force versus distance trace is shown in Figure 2b.
The cantilever approached the surface, and Coh3 bound to
XDoc3. Upon retraction of the cantilever with constant speed,
the polypeptide chain stretched until the ddFLN4 ﬁngerprint
unfolded in a distinct two-step pattern, followed by the
17843
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Figure 3. Unfolding and rupture force histograms of wild-type ScaA cohesins. Histograms showing the unfolding and unbinding forces of the
ﬁngerprint domain ddFLN4 (blue), the hanging (light red) and bridging (dark red) cohesins of ScaA, and the Coh3:XDoc3 receptor− ligand pulling
handle (gray). The force distributions of the ddFLN4 ﬁngerprint and the Coh3:XDoc3 handle are independent of the measured ScaA cohesin
construct, which allows for improved relative force comparability of the ScaA cohesins. Unfolding force distributions of cohesins 2− 7 were ﬁtted
following the Bell− Evans model (dashed lines). A kernel density estimation (KDE) was used to obtain the most probable unfolding force (±fwhm)
of cohesin 1 (dotted line). All data were recorded using a single cantilever with a spring constant of 225 pN/nm at a retraction speed of 1600 nm/s
during a 24 h automated SMFS experiment.

With the exception of cohesin 1, all unfolding force
distributions could be ﬁtted using the Bell− Evans model,
indicating a stable fold and a single barrier unfolding pathway
dominating the unfolding process, and most probable rupture
forces were obtained. The measured unfolding forces of cohesin
1 resulted in a more complex force distribution. Individual
AFM force− distance traces gave no hints of any peculiarities in
comparison to the unfolding traces of the other cohesins. We
hypothesize that cohesin 1 exhibits more than one distinct fold
or has several multibarrier unfolding pathways that precluded
its unfolding force distribution to be ﬁtted using a simple twostate model. In this case, we used kernel density estimation
(KDE) as a means to smooth the unfolding force histogram
and obtain the most probable unfolding force. As originally
hypothesized, the three hanging cohesins showed in fact a
considerably lower most probable unfolding force (for full
width at half-maximum (fwhm) errors, see Figure 3) (cohesin
1, 139 pN; cohesin 2, 402 pN; cohesin 3, 346 pN) compared to
the four bridging cohesins (cohesin 4, 578 pN; cohesin 5, 587
pN; cohesin 6, 461 pN; cohesin 7, 523 pN).
Cohesin Homology Models. Since structural data were
not available for any of the ScaA cohesins, a homology
modeling strategy was adopted,33 employing Modeller 9.1734 to
obtain structural models for all the cohesins investigated here
(Figure 4b). Using BLAST,35 we obtained homologous cohesin
structures (PDB IDs 1G1K, 4DH2, 2VN6, and 4UMS) within
the Protein Data Bank36 (PDB). These structures were then
used as templates to derive the homology models that were
further reﬁned with molecular dynamics (MD) simulations.
Equilibration for 100 ns was performed using NAMD37

unfolding of the respective cohesin under investigation. Finally
the Coh3:XDoc3 bond ruptured typically at forces of ∼ 780 pN
at force loading rates of ∼ 105 to 106 pN/s. The heights of the
various peaks are plotted in the histograms of Figures 3 and 5.
Only force curves displaying a distinct combination of contour
length increments (ddFLN4 ∼ 34 nm,27,28 cohesin ∼ 45 nm)
were included in our analysis. Alignments of all relative contour
length increments from all pulling experiments can be found in
the Supporting Information (Supplemental Figure S1).
AFM-Based SMFS on ScaA’s Wild-Type Cohesins. To
investigate the mechanical stability of A. cellulolyticus’ scaﬀoldin
ScaA, seven distinct surface spots (one for each cohesin) were
prepared using the one-step expression/immobilization reaction described above. All data were collected using a single
cantilever. Figure 3 shows the resulting unfolding and rupture
force distributions. The outer histograms show very similar
force distributions of the ﬁngerprint domain ddFLN4 and of
the pulling handle Coh3:XDoc3 independent of the measured
molecular construct, which agreed with previously reported
literature values.26,27 Coh3:XDoc3 showed a sharp peak at
∼ 780 pN and a minor shoulder at ∼ 600 pN, both of which are
known features of this molecular complex.26 The remarkable
consistency in force among diﬀerent molecular constructs
indicated low force drift during the course of the experiment
and conﬁrmed our ability to achieve precise relative
comparability of the unfolding forces of the cohesins. Following
work done by the Schulten31 group and Evans and Ritchie32 in
1997, the cohesin unfolding force distributions can be ﬁtted
using a two-state model (from here on called the Bell− Evans
model).
17844
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Figure 4. Sequence alignment and modeling workﬂow. (a) Sequence alignment of all cohesins of ScaA reveals high overall conservation. The amino
acids thought to be primarily involved in mechanical stability13 are represented by green boxes. Regions primarily involved in dockerin recognition
and binding are represented in red boxes. The background colors of the letters represent BLOSUM 70 sequence alignment score, from high (dark
blue) to low (red). A high resolution version can be found in Supplemental Figure S6. (b) Schematic representation of molecular modeling and
dynamics protocol. Homologous protein structures were obtained by running the sequences of the cohesins against the Protein Data Bank using
BLAST. Most highly identical structures with high sequence coverage were then used as templates to obtain structural models using Modeller 9.17.
Models were properly solvated employing QwikMD and equilibrated for 100 ns of unbiased molecular dynamics simulations using NAMD. A very
similar fold was observed for all seven cohesins, here colored ranging from red to blue based on its residue index number. SMD simulations were
performed by holding the N-termini and pulling the C-termini with constant velocity.

through its QwikMD interface38 (see Supplemental Figures S2,
S3, and S4). Comparison of the aligned structures (Supplemental Figure S5A) reveals that all seven cohesins of ScaA
show a similar general fold. Even though the range of identity
between our model cohesins and the best available structural
templates was between 33% and 45%, cohesins always present a
very similar fold, helping the structure prediction.
SMD Simulations and Network Analyses. To evaluate
the behavior of ScaA’s cohesins under force, we performed
SMD simulations31,39 using NAMD and QwikMD, where the
N-termini of the constructs were ﬁxed and the C-termini were
pulled with constant velocity. Employing four diﬀerent pulling
speeds, we investigated ﬁrst all the unfolding steps in long (on
the order of microseconds) SMD simulations. For all cohesins,
the ﬁrst part to unfold with highest peak force is the C-terminal
region with β-strand I, followed by β-strand H losing its
structure (see Supplemental Figure S7). Next, in the N-

terminal region, both β-strands A and B lose their structure
almost at the same time in most simulations. β-strands C− G
ﬁnally lose structure under relatively low force (see
representative unfolding analysis in Supplemental Figure S8).
The force necessary to break any of the cohesin folds was
observed to be equal to the force required to unfold the Cterminal segment of these cohesins. Therefore, to obtain
statistically relevant mechanical stability behavior, we performed many 20 ns long simulation replicas (at least 25 replicas
per construct). Figure 5a shows the peak unfolding forces, as
well as the sequence identity between the cohesins of ScaA and
their respective best available structural template. With few
exceptions, the simulation replicas revealed qualitatively the
same general trend of the unfolding force peak distributions as
measured by SMFS (Figure 3). The absolute forces however
are shifted in the simulations toward higher values
(Supplemental Figure S9), which was to be expected due to
17845
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Figure 5. SMD peak force results, dynamic force spectrum, force propagation pathways, and community analysis. (a) SMD peak unfolding forces
from each simulation replica (black dots) and average peak force per cohesin (red line ± SEM) for the diﬀerent natural cohesins of ScaA. Sample
force versus distance proﬁles are found in Supplemental Figure S10. Statistical signiﬁcance between the unfolding forces of all cohesins can be found
in Supplemental Figure S11. Also shown is the sequence identity to the respective PDB homology modeling template. (b) Dynamic force spectrum
for unfolding events of cohesin 3. Varicolored points represent rupture force/loading rate data from an experiment with 5 diﬀerent pulling speeds.
Brown squares represent rupture force/loading rate data from SMD simulations. Black points represent the most probable rupture force/loading rate
of each pulling speed obtained from kernel density estimates. Error bars represent the fwhm. Gray lines represent least-squares ﬁts of the Bell− Evans
model to the experimental and to both the experimental and the simulation data with ﬁtting parameters (±SD) Δx = 0.17 ± 0.012 nm, k0 = (6.7 ±
6.3) × 10− 4 s− 1 and Δx = 0.14 ± 0.0015 nm, k0 = 4.9 × 10− 3 ± 8.9 × 10− 4 s− 1, respectively. The red dotted line represents a least-squares ﬁt of the
DHS model to the combined experimental and the simulation data with ﬁtting parameters (±SD) of Δx = 0.19 ± 0.024 nm, k0 = (1.4 ± 2) × 10− 4
s− 1, and ΔG = 60 ± 13 kBT. For detailed representation of experimental data, see Supplemental Figure S12. (c) Force propagation pathways through
selected cohesins calculated using Pearson correlation (yellow tubes). The thickness of the pathway edges represents the normalized probability of
force propagating through the particular edge. (d) Network-based community analysis in selected cohesins showing regions with high internal
correlation during pulling simulations calculated using generalized correlation. Communities are colored individually, and thick connections
correspond to high correlation.

thermal unfolding under a given force, while in the latter, the
high pulling velocities leave the protein insuﬃcient time to
sample its energy landscape. As described in the Dudko,
Hummer, and Szabo model (DHS model), the regime
transition can happen at diﬀerent loading rates and is
characterized by the critical force, Fc = 2ΔG/Δx.40 The
position of the transition from stochastic to deterministic
regime therefore strongly depends on the general mechanical
stability of the system under investigation. Fitting the DHS
model to the data in Figure 5b resulted in a critical force Fc ≈
2500 pN, suggesting that our SMD simulations were carried
out at loading rates where unfolding is still dominated by
stochastic ﬂuctuations. This indicates that the SMD simulations
provide an accurate description of the unfolding process of the
system in this study.
The aforementioned results motivated a detailed analysis of
the molecular structures and interactions, which could give rise
to the particular properties of the diﬀerent cohesins. Using
Pearson cross-correlation-based force propagation analysis, a
recently introduced protocol for the analysis of load
distributions in molecular complexes,24 we calculated the

much higher force loading rates of the simulations compared to
the AFM experiments.
A force oﬀset between MD simulations and SMFS
experiments can easily be understood in view of the Bell−
Evans model, which predicts a linear dependence of the
unfolding force from the logarithm of the force loading rate. To
corroborate this assumption, we varied the pulling rate in the
SMFS experiments of cohesin 3 and plotted the measured
unfolding forces together with the corresponding MD
simulations in Figure 5b. The dashed line represents the best
ﬁt to the experimental data extrapolated to the MD time
domain; the dotted line ﬁts both the experimental and the
simulation data. The resulting distances to the transition state
of 0.14 ± 0.012 nm and 0.17 ± 0.0015 nm agree very well with
literature values of comparable cohesin protein structures.13,15,26 It is important to note that the slope in the
dynamic force spectrum can change with increasing pulling
speeds, resulting in a nonlinear upturn at higher pulling
velocities as shown by Rico et al.18 This eﬀect is caused by a
shift from a stochastic to a deterministic unfolding regime. In
the former, the unfolding process is governed by spontaneous,
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Figure 6. Mutant design and SMD peak force results. (a) Sequence alignment of the C-terminal end of the hanging cohesins 1− 3. From the
community analysis, we deduced that the low force resilience of cohesin 1 originated from the loss of sequence identity in the ﬂexible area around
amino acids 103− 108. Based on comparison with cohesins 2 and 3, we designed three point mutations (A105G, P106G, and T107S) and a triple
mutant (A105G P106G T107S (referred to as mutant “GGS”)). A high resolution version can be found in Supplemental Figure S15. (b) Left,
homology model of cohesin 1 showing the β-sheets involved in the mechanical clamp motif in green and unique amino acids within the group of
hanging cohesins in red. The linker region around amino acids A105, P106, and T107 was observed to be most ﬂexible in the SMD simulations and
was therefore suggested for mutation studies. Right, comparison of the homology models of cohesin 1 and its mutant A105G with molecular
representation of the aforementioned region of interest. A seemingly small point mutation from an alanine to a glycine (from a methyl to a proton
side chain) at position 105 changed the fold of the protein in this region signiﬁcantly, resulting in much closer β-strands in the mechanical clamp
motif. (c) SMD peak force from each simulation replica (black dot) and average peak force per cohesin (red line ± SEM). The signiﬁcantly increased
peak forces of the mutants A105G and GGS suggest an increased stability compared to wild-type cohesin 1, while mutants P106G and T107S
showed no signiﬁcant change in average peak unfolding force. The single A105G mutation was able to recover forces in the same range of cohesin 3
(see Figure 5a). Statistical signiﬁcance between the unfolding forces of all cohesins can be found in Supplemental Figure S16.

pronounced communities connecting the C-terminus to its
surroundings (Figure 5d, red dashed circle region), cohesin 1
showed weak communities in this area of the protein,
suggesting high and uncorrelated ﬂexibility and therefore
loose intraprotein contacts between the N- and C-terminal βsheet. Particularly, the area between β-sheets G and H turned
out to be most ﬂexible in the case of cohesin 1. The same
region of cohesin 1 was observed to be highly ﬂexible also
during the 100 ns MD equilibration, and was not as ﬂexible in
any other cohesin investigated here. Taken together, our results
suggested that this is a critical region responsible for cohesin 1
lower stability under mechanical force.
Mutant Design and SMD Simulations. Since the region
between β-sheets G and H in cohesin 1 was found to be the
most ﬂexible during the equilibrium MD and the analysis of
cross-correlation communities suggested that weak communities in this same area could be responsible for the badly formed
mechanical clamp motif of cohesin 1, we aligned the sequences
of all hanging cohesins in this region (Figure 6a). Despite the
high overall sequence similarity of ∼ 85% among A.
cellulolyticus’s hanging cohesins, major diﬀerences exist between
the weaker cohesin 1 and the stronger cohesins 2 and 3 in the

suboptimal force propagation pathways, revealing that force
propagates mainly through β-strands A, B, and I (see
Supplemental Figure S13). Figure 5c shows the force
propagation pathways through cohesin 1 and the two strongest
cohesins within their respective group, cohesins 2 and 5.
Cohesin 1 predominantly showed a single path between the Nand C-terminal β-sheets that carried the entire mechanical load,
suggesting a badly formed mechanical clamp motif. The other
cohesins show multiple possible force pathways suggesting a
better distribution of force propagating from the N- to the Cterminus through a multitude of backbone hydrogen bonds
(see Supplemental Figure S13).
In addition, we investigated the communities formed in the
systems by employing dynamic network analysis41 and
generalized correlation42 (see Supplemental Figure S14).
These communities correspond to sets of residues that move
in concert with each other and can be used to investigate
regions that are generally more strongly connected during
pulling simulations. Figure 5d shows the individual communities of cohesins 1, 2, and 5 in diﬀerent colors, where thicker
connections between the amino acids correspond to higher
correlation between them. While cohesins 2 and 5 showed
17847
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Figure 7. Unfolding and rupture force histogram of the hanging cohesins and mutants of cohesin 1. Histograms showing the unfolding and
unbinding forces of the ﬁngerprint domain ddFLN4, the wild-type hanging cohesins 1− 3 (red), mutants of cohesin 1 (orange), and the
Coh3:XDoc3 receptor ligand binding handle (gray). The force distributions of the ddFLN4 ﬁngerprint and the Coh3:XDoc3 handle are
independent of the measured ScaA cohesin construct. Similar to Figure 3, force histograms were ﬁtted following a Bell− Evans model where possible
(cohesin 2, cohesin 3, A105G, and GGS; dashed line). A KDE was used to ﬁnd the most probable rupture forces (±fwhm) in all other cases (cohesin
1, P106G, and T107S; dotted line). All data were recorded using a single cantilever with a spring constant of 163 pN/nm at a retraction speed of
1600 nm/s during a 72 h automated SMFS experiment.

region between β-strands G and H, more precisely from amino
acid 103 to 108. Considering the results of the SMD
simulations, force propagation, community analysis, and the
sequence comparison with cohesin 2 and 3, we proposed four
mutants of cohesin 1, namely, A105G, P106G, and T107S, and
a triple mutant that we refer to here as GGS (A105G, P106G,
and T107S). To investigate if these mutants would show a
higher force resilience compared to their wild-type counterparts, we followed the same modeling and simulation steps as
previously discussed for the wild-type cohesins.
After the 100 ns MD equilibration, mutated cohesins showed
signiﬁcant structural diﬀerences compared to the wild-type
cohesin 1. A single alanine to glycine mutation (A105G), for
example, already stabilized the nearby regions of the protein,
resulting in a ﬂawlessly folded β-stranded C-terminus, as shown
in Figure 6b. SMD simulations, as shown in Figure 6c, revealed
that A105G and GGS displayed a signiﬁcantly higher unfolding
force than cohesin 1, with A105G showing a mean unfolding
force similar to that of cohesin 3. Analysis of the force
propagation proﬁles and communities of the A105G mutant
revealed a behavior that resembles one of the stronger cohesins,
as shown in Supplemental Figures S13 and S14.
AFM-Based SMFS on Hanging Cohesins and Mutants
of Cohesin 1. In order to test the predictions from the SMD
simulations and to identify the amino acids responsible for the
low force resilience of cohesin 1, we prepared a second set of
AFM-based SMFS experiments similar to the ones described in
Figure 3. We compared the mechanical stability of the
proposed mutants A105G, P106G, T107S, and the triple
mutant GGS with the three hanging cohesins, again using a

single cantilever to ensure improved relative force comparability
(Figure 7). Similar to Figure 3, force distributions not following
the Bell− Evans model (cohesin 1, P106G, and T107S) were
smoothed using a KDE to obtain meaningful most probable
rupture forces. Most remarkably, mutant A105G showed a
dramatic increase in most probable rupture force to 370 pN,
making it around 2.6 times stronger than its parent structure
cohesin 1 and therefore about as strong as cohesin 3. While the
mutant unfolding simulations predicted a slight decrease in
mechanical stability for the P106G mutant, the experimentally
obtained unfolding force histogram shows no considerable
change compared to wild-type. Mutant T107S exhibited a
bimodal unfolding force distribution with most probable
rupture forces of 138 pN and 339 pN roughly similar to the
most probable unfolding forces of wild-type cohesins 1 and 3. A
detailed examination of individual unfolding traces from
diﬀerent force regimes showed no distinctive features that
could explain its bimodal unfolding force distribution. We can
only theorize that this construct might exhibit a combination of
strongly diﬀering folded conformations or unfolding pathways.
Such behavior was not observed in the simulations. The triple
mutant GGS showed a most probable rupture force of 440 pN,
making it as strong as cohesin 2.

■

DISCUSSION
Mechanical Stability of Highly Homologous ScaA
Cohesins. The high precision comparison of the mechanical
stability of seven homologous cohesin domains from A.
cellulolyticus’ scaﬀoldin ScaA was enabled by the development
of a novel SMFS sample preparation method, where several
17848

DOI: 10.1021/jacs.7b07574
J. Am. Chem. Soc. 2017, 139, 17841− 17852

Journal of the American Chemical Society

Article

models provide an accurate description of the unfolding
process, validating the predictive power of both comparative
modeling and in silico SMFS. We want to emphasize that this
only holds true for remarkably strong proteins like the cohesins
investigated here. At similar loading rates of ∼ 1014 pN/s,
weaker systems may be unfolded in the deterministic regime. In
this case, a slower pulling velocity would have to be chosen,
requiring considerably more computational time.
Investigation of the Low Force Resilience of Cohesin
1. Our simulation results in combination with calculated force
propagation pathways and correlation communities suggested
that the high ﬂexibility in the region around amino acids 100−
110 could be responsible for a badly formed mechanical clamp
between the N- and C-terminal β-sheets of cohesin 1. We
proposed the aforementioned mutants, A105G, P106G, T107S,
and the triple mutant GGS carrying all three mutations, in an
attempt to aﬀect the folding and the formation of the
mechanical clamp motif and, ideally, improve mechanical
stability.
Following the same modeling and equilibration protocol
followed previously, we obtained structural models for the
mutants. An inspection of these structures, after 100 ns of MD,
revealed how the fold can be aﬀected by a single A105G
mutation, as shown in Figure 6b. The A105G point mutation
resulted in a longer mechanical clamp between the N- and Cterminal β-sheets. SMD simulations predicted an increase in
unfolding forces both for mutant A105G and for mutant GGS,
the latter being the most promising as shown in Figure 6c. It is
noteworthy that the simulations revealed that the single A105G
mutation already increases the force necessary to unfold
cohesin 1 up to the same levels of the cohesin 3.
We want to emphasize that a strategy of carrying out only a
couple of SMD simulations with low pulling velocity might give
an incomplete picture of a biomolecular system under shear
force. The approach adopted here, of simulating many fast
pulling simulations (totaling over 350 independent SMD runs),
showed that the force distribution in simulations is as widely
distributed as in experiments, and therefore a small in silico
sampling might reveal diﬀering trends to those observed
experimentally. A possibility to sample both with slow pulling
and many replicas would be to employ coarse-grained methods,
which are less computationally demanding. However, our
simulations revealed that seemingly small mutations, like
changing a methyl group to a hydrogen, can cause enormous
diﬀerences in folding and therefore force resilience. With such
minor changes in the biomolecule, exploratory studies to design
new mutants using coarse-grained molecular dynamics
simulations would be hardly reliable, as they would lack atomic
detail.
In order to test the predictions from the SMD simulations,
we compared the proposed mutants to the wild-type hanging
cohesins experimentally (Figure 7). We found that the two
promising mutants, A105G and GGS, showed a considerable
increase in mechanical stability. Mutant A105G showed an
increase of most probable rupture force by nearly 2.6-fold to
370 pN, relative to its wild-type cohesin 1, which unfolded at
142 pN. As predicted by the SMD simulations, this seemingly
small change from an alanine to a glycine outside of the
mechanical clamp motif inﬂuenced the fold of the protein
enough to make it as strong as cohesin 3. The triple mutant
GGS showed, again as predicted by the SMD simulations, the
largest increase in unfolding force to 440 pN, making it as
strong as cohesin 2, the strongest cohesin within the group of

constructs were produced by cell-free in vitro expression and
covalent linkage to the surface in parallel in individual
microwells. The proteins were probed sequentially with a
single cantilever, enabling precise comparison of unfolding
force distributions between multiple domains by eliminating
relative error in calibration of cantilever spring constant values.
All constructs contained a ddFLN4 domain, which served as a
molecular ﬁngerprint and allowed clear identiﬁcation of singlemolecule force− distance traces showing speciﬁc interactions
through their unique contour length increments. This overall
approach facilitated high-throughput SMFS of multiple proteins
and allowed for fast and automated data analysis.
A clear trend can be seen in the most probable unfolding
force of all cohesin domains from ScaA (Figure 3). The three
cohesins on the far side of the substrate-anchoring CBM (i.e.,
hanging cohesins) showed in fact a considerably lower most
probable unfolding force compared to the four bridging
cohesins, which are exposed to force in vivo. This result
strongly supports the hypothesis that higher mechanical
stability is a repeatable feature of cohesins in the bridging
region of cellulosomal scaﬀoldins, despite the fact that all
domains tested show high levels of sequence homology (see
Figure 4a).
To elucidate the origins of the large diﬀerences in
mechanostability of the cohesin domains, we generated
structural homology models for all seven cohesins under
investigation. The combination of knowledge-based information from structural templates together with modern force ﬁelds
and molecular dynamics allowed us to employ a real-space
structural prediction and reﬁnement strategy to obtain all ScaA
cohesin structures.33 However, the computational prediction of
three-dimensional protein structures has its limitations, and the
accuracy of the predicted models is strongly dictated by the
availability of close structural templates.43 The range of identity
between our model cohesins and the best available structural
templates was between 33% and 45%, implying rather poor
homologues. To check the fold stability, all structural models
were subjected to 100 ns of equilibrium MD, and the ﬁnal
structures were superimposed. The results showed that, even
though four diﬀerent templates were employed, all cohesins
generated highly similar structural models (see Figure 4b and
Supplemental Figure S5).
The seven structural models were then stretched in silico
using a constant velocity SMD protocol. It is noteworthy that,
with the exception of cohesin 4, the forces of all distributions
were shifted by a constant value (±SD) of 782 ± 29 pN (see
Supplemental Figure S9). This ﬁnding is remarkable if one
takes into account the relatively low identity between the
modeled systems and their templates (33%− 45%). Simulations
showed that although cohesin 4 has the highest identity to its
template (45%, PDB 2VN6), it might have been a suboptimal
choice resulting in a nonideal folding state, as it shows an Nterminal region with wobbly β-strand formation (see
Supplemental Figures S4 and S5).
Comparing the force peaks between the simulations and
experiments served as a validation for the homology structures.
Figure 5b shows a direct comparison between results obtained
with AFM SMFS across a range of loading rates from ∼ 103 pN/
s and ∼ 105 pN/s, and those obtained from in silico SMFS at
∼ 1014 pN/s. Fitting the DHS model to the data suggests that
the loading rates used in our SMD simulations fall into the
stochastic regime. This ﬁnding, which bridges 11 orders of
magnitude in force loading rate, indicates that the homology
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surface of yeast cells, allowing dockerin-tagged cellulases to
bind and improve ethanol production almost by a factor of 3
compared to free enzymes.48 In terms of industrial cellulose
degradation, the incorporation of mechanically stronger cohesin
domains and cohesin− dockerin interactions with higher
aﬃnities will make designer cellulosomes more durable and
eﬃcient. A better understanding of individual cellulosomal
components can improve upcoming designs and lead to more
eﬃcient and reliable multienzyme molecular devices. For
example, the new-found properties of ScaA recommend this
scaﬀoldin and its cohesin domains to be part of a potential
versatile molecular breadboard for the programmed selfassembly of molecular devices with designed properties.
From a technical point of view, we were able to measure
seven constructs using a single cantilever in two separate
experiments by utilizing a fast and parallelized sample
preparation method, while still achieving suﬃcient statistics
(N = 1420 in 24 h and N = 7869 in 72 h). Furthermore, we
have shown that even in the absence of crystallized protein
structures, SMD simulations, when combined with protein
homology modeling, are a powerful tool to investigate the
intricate mechanisms governing protein mechanics. Particularly
force propagation and community analyses have proven
instrumental, not only allowing us to analyze the origins of a
particular molecular property, such as the low mechanical
stability of cohesin 1, but also opening new means to identify
crucial regions for point mutations aiming at locally altering the
mechanics of the protein of choice. In summary, our newly
developed methods are enabling novel investigations of protein
unfolding and rational modiﬁcation of structural aspects of
proteins based on common design principles across diﬀerent
families of proteins well beyond the cellulosome community.
Our results demonstrate a strategy that can be applied in ﬁnetuning mutations that can change the mechanostability of
protein domains and also raise further questions about the
evolutionary pressures that can result in mechanically stronger
or weaker proteins. Considering the vast number of
cellulosomal constituents yet to be explored, the combination
of techniques presented here can potentially accelerate the
probing and design of scaﬀolding domains, starting from
nothing more than their genetic code, presenting new
opportunities in molecular engineering and biotechnology.

hanging cohesins, which unfolded at 431 pN. The experimental
results conﬁrm the amino acids responsible for the low force
resilience of cohesin 1 and the predicted increase in
mechanostability of the proposed mutants, thus corroborating
the in silico approach.

■

CONCLUSIONS
Multienzyme molecular devices like cellulosomes rely on
scaﬀoldins for the organization of their active constituents.
Since these large protein structures can sometimes be subjected
to sizable forces, their mechanical stability is a prerequisite for
proper and sustained function. This holds particularly true for
the scaﬀoldin ScaA of A. cellulolyticus, which anchors the
microbe to a cellulose ﬁbril through a CBM in addition to
spatially organizing an ensemble of cellulolytic enzymes.
Another interesting aspect is that cellulosome scaﬀoldins are
mainly composed of highly similar cohesin domains with very
diﬀerent mechanical properties. Our in vitro and in silico SMFS
studies not only show that the mechanical stability of all
cohesins from the scaﬀoldin ScaA is consistent with the
hypothesis proposed by Valbuena et al.13 that bridging cohesins
are mechanically stronger than hanging cohesins but, moreover,
how minimal diﬀerences in protein sequence can lead to very
diﬀerent behavior under shear force.
We elucidated the surprisingly low unfolding force of cohesin
1, when compared to the other ScaA cohesins. We found that
the point mutation A105G increased the mechanical stability of
cohesin 1 more than 2-fold when compared to wild-type. The
remarkably strong inﬂuence on the mechanical stability of
cohesin 1 of a single alanine to glycine mutation, which
eﬀectively only substitutes a methyl group by a hydrogen atom,
raises the question why evolutionary pressure has not favored
this mutant, as it comes at virtually no additional cost for the
organism. Possibly not all cohesins are supposed to display high
mechanical stability, since cellulosomal organisms have already
been shown to be able to regulate their gene expression
patterns depending on potentially varying substrates.44,45 Thus,
occasionally un- and refolding cohesins would ensure that
cellulosomal components can be exchanged in case of changing
environmental conditions.
Both approaches, in silico and in vitro, of our combined
approach started from the genetic information coding for the
protein, from which the homology models for the former were
derived and the samples for the latter were expressed. Given the
large number of cellulosome producing microorganisms with
sequenced genomes, a wide spectrum of novel combinations,
for example, cohesin− dockerin pairs with similar or orthogonal
aﬃnities and tunable strengths, may be analyzed, modiﬁed, and
combined. The fact that cellulosomes are extracellular
organelles of microbes that live in largely diverse ambient
environments, including the human gut,46,47 guarantees robustness of its molecular building blocks and their interactions. This
is reﬂected in the extremely high unfolding barriers and rupture
forces of its molecular constituents and qualiﬁes them for a
large range of potential applications.
As viable candidates for source materials in a rationally
designed artiﬁcial protein nanomachine, cellulosomes have
demonstrated large potential in molecular engineering
applications.1,6,8 The development of recombinant designer
cellulosomes using so-called chimeric scaﬀoldins allowed
control over the position of each enzyme in the cellulosomal
complex.7 Synthetic scaﬀolds containing orthogonal cohesin
domains have furthermore been successfully displayed on the
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Materials and Methods

All reagents were at least of analytical purity grade and all buffers were filtered using a 0.2 µm
polyethersulfone membrane filter (Nalgene, Rochester, NY, USA) prior to use. All incubation steps were
done at room temperature, if not otherwise stated.

Gene construction, protein expression and purification

All genes were codon optimized for E. coli and synthesized (Invitrogen GeneArt Gene Synthesis - Thermo
Fisher Scientific Messtechnik GmbH, Regensburg, Germany). All constructs were cloned into pET28a
vectors using the Gibson assembly strategy1 (New England Biolabs, MA, USA). All protein sequences can
be found in the Supplementary Information.
ScaA cohesin mutant plasmid DNA was constructed using individually designed primers (Eurofins
Genomics GmbH, Ebersberg, Germany) and the Phusion High-Fidelity PCR Kit (Thermo Fisher Scientific
Messtechnik GmbH, Regensburg, Germany). The resulting double stranded linear DNA was ligated,
phosphorylated and the template DNA was digested, in parallel, using a homemade reaction mix (1µl
CutSMART buffer, 1µl ATP, 1µl T4 Polynucleotide Kinase, New England Biolabs, MA, USA, 1µl DpnI, 1µl
T4 DNA ligase and 0.5µl PEG-6k, Thermo Fisher Scientific GmbH, Regensburg, Germany, combined with
4.5µl unpurified PCR product) incubated at 37°C for 15min, 22°C for 45min and finally at 80°C for 5min.
All plasmids used in in vitro protein expression were amplified in DH5-alpha cells, purified using the
QIAprep Spin Miniprep Kit (Qiagen, Hilden, Germany), eluted with ultrapure water and stored at -20° C.
All sequences were finally checked by DNA sequencing (Eurofins Genomics GmbH, Ebersberg,
Germany).
Coh3-ddFLN4-HIS-ybbR protein was expressed in E. coli NiCo21(DE3) cells (New England Biolabs, MA,
USA). Precultures of 5 mL in LB medium, grown overnight at 37°C, were inoculated in ZYM-5052
auto-induction media containing kanamycin and grown for 6 h at 37°C followed by 24 h at 25°C2. Bacteria
were spun down, and stored at -80°C. The pellet was resuspended and cells were lysed through
sonication followed by centrifugation at 18000 g for 1 h at 4°C. The supernatant was applied to a Ni-NTA
column (GE Healthcare, MA, USA) for HIS-Tag purification and washed extensively using HIS wash
buffer (25mM TRIS, 500mM NaCl, 0.25% Tween-20, 10 % (v/v) Glycerol, 20mM imidazole, pH 8.5 @
4°C), followed by a elution using HIS elution buffer (HIS wash buffer with 200mM imidazole instead of
20mM). Fractions containing protein were concentrated over regenerated cellulose filters (Amicon, Merck
KGaA, Darmstadt, Germany), exchanged into measurement buffer (TBS- Ca: 25 mM Tris, 72 mM NaCl,
1mM CaCl2, pH 7.2) using desalting columns (Zeba, Thermo Scientific, MA, USA), and frozen with 25 %
(v/v) glycerol in liquid nitrogen to be stored at -80°C until used in experiments.

AFM Sample preparation

The sample preparation in these experiments follows in principle previously published protocols.3–5 In
brief, both the AFM cantilevers (Biolever Mini, Olympus, Tokyo, Japan) and the microscope slides
(76mmx26mm, Carl Roth GmbH, Karlsruhe, Germany) were cleaned and silanized using
(3-aminopropyl)-dimethyl-ethoxysilane (APDMES, abcr GmbH, Karlsruhe, Germany) by baking at 80°C
for 1h. A multiwell mask (CultureWell Gasket, Grace Bio-Labs, Bend, USA) was cleaned by sonication in
a 1:1 mixture of isopropyl alcohol (IPA) and ultrapure water and then dried in a stream of nitrogen. The
mask was attached to the glass slide to allow compartmentalization of the surface. The cantilevers were
incubated with heterobifunctional NHS-PEG-Maleimide (5 kDa; Rapp Polymere, Tübingen, Germany) in
100mM HEPES buffer pH 7.4 for 45 min. The surfaces in the wells however were incubated with a 1:100
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mixture of NHS-PEG-Maleimide and NHS-PEG-CH3 (both 5 kDa; Rapp Polymere, Tübingen, Germany) in
100mM HEPES buffer pH 7.4, which, as experience has shown, will later result in the right surface
density of immobilized protein for SMFS measurements in these experiments. After rinsing with ultrapure
water, both the cantilevers and the surfaces were incubated with 1 mM Coenzyme A (CoA) in a 1 mM
sodium phosphate pH 7.2, 50 mM NaCl, 10 mM EDTA buffer for at least 1 h. After a final ultrapure water
rinse the cantilevers were incubated with 40μM Coh3-ddFLN4-HIS-ybbR and 5 μM phosphopantetheinyl
transferase (Sfp) for 2 h with magnesium chloride supplemented measurement buffer (TBS- Ca: 25 mM
Tris, 72 mM NaCl, 1mM CaCl2, 20mM MgCl2 pH 7.2). The glass slide with the multiwell mask still
attached was stored under Argon for later use. The cantilevers were rinsed extensively with measurement
buffer (TBS- Ca: 25 mM Tris, 72 mM NaCl, 1mM CaCl2, pH 7.2) and finally stored in it until use in
measurement.

One-step in vitro expression and protein pulldown

PURExpress® IVTT-kit was thawed on ice and supplemented with 5 μM Sfp, 0.8 U/µl RNase inhibitor
(NEB #M0314), 10 ng/μl Plasmid-DNA, 0.05% v/v Triton X-100 (Sigma-Aldrich Chemie GmbH,
Taufkirchen, Germany) and ultrapure water resulting in total volumes of 10µl for each reaction mix. There
was no need to supply this reaction mix with additional MgCl2 for
the Sfp coupling reaction, since the
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PURExpress® IVTT-kit already contains 13mM MgCl2 . The reaction mixes were transferred to the wells
onto the CoA functionalized glass slide and incubated at 37°C for 3h. During this time the cell free
expression kit is constantly producing proteins, while at the same time the Sfp couples expressed protein
to the surface via the ybbR tags. Both cantilevers and surfaces were rinsed extensively with
measurement buffer (TBS- Ca: 25 mM Tris, 72 mM NaCl, 1mM CaCl2, pH 7.2) before measurement and
finally the multiwell mask was removed from the surface and stored in a 1:1 mixture of IPA and ultrapure
water for further use.

AFM SMFS measurements

A custom build AFM connected to a MFP3D controller (Asylum Research, Santa Barbara, CA, USA) was
used for all measurements. Acquisition- and instrument control software was written in Igor Pro 6
(Wavemetrics, OR, USA). The cantilever was aligned to each measurement spot by moving the sample
using a 25mmx25mm piezomotor stage (PI, Karlsruhe, Germany) using a camera mounted below the
sample. These positions were saved in the software for later use. The cantilever was brought in close
proximity to the surface and constant speed measurements with retraction speeds of 1600 nm/s were
started. The glass surface was moved horizontally by 100 nm in a snail-like-pattern within each protein
spot. After 2000 approach- and retract-cycles the AFM-head was automatically lifted by a linear piezo
actuator (Newport, CA, USA) and the surface was moved horizontally by typically ~300 µm to expose the
cantilever to the next protein spot. Cantilevers were calibrated using the equipartition theorem method7.

AFM SMFS Data Analysis

Data analysis was carried out following previous work8. In short, data were transformed into physical units
and corrected for cantilever bending, laser spot- and baseline-drift. Force peaks and rupture events were
detected and transformed to contour length space. The Worm Like Chain model (WLC)9 was used to fit
relevant peaks. All curves showing a ddFLN4 and cohesin contour length increment (ddFLN4: 34nm8,10,
cohesin: 45nm) were used to assemble unfolding force histograms, which were then fitted following the
Bell-Evans model11,12, which is commonly used to estimate the distance to the transition state ∆x and the
natural off-rate k0 of mechanically induced receptor ligand dissociation from single-molecule force
spectroscopy experiments.
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Bell-Evans probability density function at given loading rate r:
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The Bell-Evans model predicts a linear dependence between the most probable rupture force <F> and
the logarithm of the force loading rate r:
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The Dudko-Hummer-Szabo model
force on loading rate:
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describes a non-linear dependence for the most probable rupture
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where ∆G is the free energy of activation and γ ≈ 0.577... is the Euler-Mascheroni constant. The model
parameter ν defines the single-well free-energy surface model used ( ν = 2/3 for linear-cubic and ν = 1/2
for cusp free-energy).

Structural Model Determination

The amino acid sequence of all seven cohesins under investigation were obtained from the GenBank
(GenBank: AAF06064.1) proteomic server14,15. The template search was performed employing the
similarity search algorithm in the protein Blast server (http://blast.ncbi.nlm.nih.gov/Blast.cgi)16 using the
Protein Data Bank17 (http://www.pdb.org) as database and the default options. Using VMD’s18 multiseq19
analysis tool, sequences were aligned to templates employing ClustalW algorithim20. The construction of
cohesin models were performed using MODELLER 9.17 software21 that employs spatial restriction
techniques based on the 3D-template structure. The best model was selected by analyzing the
stereochemical quality check using PROCHECK22 and overall quality by ERRAT server.23 All structures
were subjected to 100 ns of equilibrium MD, as described below, to ensure conformational stability. All
structures shown in this manuscript are from post-equilibration simulations.

Molecular dynamics simulations

Employing advanced run options of QwikMD,24 structural models were solvated and the net charge of the
proteins were neutralized using a 75 mM salt concentration of sodium chloride, which were randomly
arranged in the solvent. The overall number of atoms included in MD simulations varied from 50,000 in
the equilibrium simulations to near 300,000 in the pulling simulations. The MD simulations in the present
study were performed employing the NAMD molecular dynamics package.25 The CHARMM36 force
field26,27 along with the TIP3 water model28 was used to describe all systems. The simulations were
performed assuming periodic boundary conditions in the NpT ensemble with temperature maintained at
300 K using Langevin dynamics for pressure, kept at 1 bar, and temperature coupling. A distance cut-off
of 11.0 Å was applied to short-range, non-bonded interactions, whereas long-range electrostatic
interactions were treated using the particle-mesh Ewald (PME)29 method. The equations of motion were
integrated using the r-RESPA multiple time step scheme25 to update the van der Waals interactions every
two steps and electrostatic interactions every four steps. The time step of integration was chosen to be
2 fs for all simulations performed. Before the MD simulations all the systems were submitted to an energy
minimization protocol for 1,000 steps. MD simulations with position restraints in the protein backbone
atoms were performed for 10 ns and served to pre-equilibrate systems before the 100 ns equilibrium MD
runs, which served to evaluate structural model stability. During the 10 ns pre-equilibration the initial
temperature was set to zero and was constantly increased by 1 K every 1,000 MD steps until the desired
temperature (300 K) was reached.
With structures properly equilibrated and checked, solvent boxes were enlarged in the Z coordinate to
allow space for protein unfolding during SMD simulations. The new solvent boxes were equilibrated for 10
ns keeping the protein atoms restrained in space. SMD simulations11 were performed using a constant
velocity stretching (SMD-CV protocol), employing four different pulling speeds: 250, 25, 2.5 and 0.5 Å/ns.
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Simulation replicas (at least 25 per system), used in all the plots in this manuscript, were performed with
constant pulling speed of 2.5 Å/ns. Values for force over the pulling spring were saved every 50 steps.
The spring constant of the pulling spring was set to 5.0 kcal/mol/Å2, while the holding spring had a
constant of 10 kcal/mol/Å2. In all simulations, totaling over 350 SMD simulations, SMD was employed by
harmonically restraining the position of N-terminal amino acid residue of the cohesin domain, and moving
a second restraint point, at the C-terminal of the cohesin domain, with constant velocity in the +z
direction. The procedure is equivalent to attaching one end of a harmonic spring to the end of a domain
and pulling on the other end of the spring. The force applied to the harmonic spring is then monitored
during the time of the molecular dynamics simulation. The pulling point was moved with constant velocity
along the z-axis and due to the single anchoring point and the single pulling point the system is quickly
aligned along the z-axis. Owing to the flexibility of the linkers between the cohesins and fingerprint
domains, this approach reproduces the experimental set-up. All analyses of MD trajectories were carried
out employing VMD18 and its plug-ins. Secondary structures were assigned using the Timeline plug-in,
which employs STRIDE criteria.30
The Network View plugin31 on VMD was employed to perform dynamical network analysis. A network was
defined as a set of nodes, all α-carbons, with connecting edges. Edges connect pairs of nodes if
corresponding monomers are in contact, and 2 non-consecutive monomers are said to be in contact if
they fulfill a proximity criterion, namely any heavy atoms (non-hydrogen) from the 2 monomers are within
4.5Å of each other for at least 75% of the frames analyzed. As suggested by Sethi et al.31 nearest
neighbors in sequence are not considered to be in contact as they lead to a number of trivial suboptimal
paths, which can be understood as allosteric signaling pathways or force propagation pathways 32
 .
Suboptimal paths are defined as paths that are slightly longer than the optimal path, with a given
suboptimal path visiting a node not more than once. These multiple communication paths are nearly
equal in length, and not all residues along these paths need be considered important for allostery.
Instead, only residues or interactions that occur in the highest number of suboptimal pathways need to be
conserved to guarantee an effective pathway for allosteric communication. The thickness of the edges
connecting the nodes reveals the least and most used paths. Allostery can be understood in terms of
pathways of residues that efficiently transmit energy, here in the form of mechanical stress, between
different binding sites33. The dynamical networks were constructed from 20 ns windows of the total
trajectories sampled every 400 ps. The probability of information transfer across an edge is set as wij =
−log (| Cij |), where Cij is the correlation matrix calculated with Carma34. Using the Floyd-Warshall
algorithm, the suboptimal paths were then calculated. The tolerance value used for any path to be
included in the suboptimal path was −log (0.5) = 0.69. To calculate the relevance of off-diagonal terms in
the correlation matrix we employed Carma to calculate a correlation matrix where x, y, z components of
each atom were considered independently. As previously investigated by our group 32
 , Pearson
correlation is ideal for force propagation calculation. However, due to its nature, communities analysis
would benefit from an information-theory-based method, so here we employed generalized correlation35 to
the community analysis. Tightly correlated groups of atoms are clustered into communities, indicating
functional domains of biomolecules and important interfaces between multi-molecule complexes.
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Figure S1: Frequency of observed relative contour lengths increments determined by transforming
multiple force traces into contour length space via the worm-like chain model and aligning them. The
individual increments (f.l.t.r.) correspond to the unfolding of the ddFLN4 fingerprint domain, the ScaA
cohesins and the occasional unfolding of the X-module of the Coh3.XDoc3 complex36.
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Figure S2: Root-Mean-Square Deviation (RMSD) for equilibrium simulations. All constructs were
simulated with position restraints of the backbone atoms during 10 ns and free of restraints during 100 ns.
All plots show stable structures after approximately 30ns. It is noteworthy that hanging cohesins have a
higher RSMD value, particularly cohesin 1.
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Figure S3: Secondary Structure evolution during equilibration simulations. Secondary structure
content was evaluated using VMD’s Timeline during the equilibration simulations. All constructs were
simulated with position restraints of the backbone atoms during 10 ns and free of restraints during 100 ns.
All conformations show stable structures.
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Figure S4. Structural model of studied cohesins after 100ns of MD simulation. All structures were
obtained using Modeller 9.17 and subjected to 100 ns of molecular dynamics equilibration using QwikMD
and NAMD. All images were prepared using VMD.
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Figure S5. Structural model for ScaA cohesins after 100ns of MD simulation. (A) Using Modeller,
very similar model structures were obtained for ScaA cohesins. The region highlighted in the circle was
observed to be the most flexible one in cohesin 1, presenting a different behavior than the other cohesins.
(B) Sequence alignment shows that, in the highlighted region of (A), 3 amino acid residues of cohesin 1
were different, compared to cohesin 2 and 3, namely ALA105, PRO106 and THR107. (C) (D) Two
different viewpoints of cohesin 1 with highlighted ALA105, PRO106 and THR107.
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Figure S7. Secondary Structure evolution during pulling simulations. Secondary structure content
was evaluated using VMD’s Timeline during the SMD simulations. Here we show the evolution of the
secondary structure during the first 50nm of pulling, which corresponds to the region where the peak force
is observed. The plots present a representative simulation (one of the replicas) for each system studied.
In all simulations presented the C-terminal region is the first to unfold, showing that the highest peak
corresponds to losing the last beta-strand structure.
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Figure S8. Cohesin 1 secondary structure evolution during pulling simulations. Secondary structure
content was evaluated using VMD’s Timeline during the SMD simulations. Here we show the evolution of
the secondary structure during the whole unfolding process.
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Figure S9. Experimental unfolding force vs. simulated peak unfolding force of all wild type
cohesins. A linear fit shows a clear trend between measured and simulated unfolding forces with offset
fitting parameter (±SD) F0 = 782 ± 29 pN. Cohesin 4 (red) was excluded from the fit since, as explained in
the main text, its homology modeling template was a suboptimal and likely resulted in a non-ideal initial
folded state.
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Figure S10. Force profile during pulling simulations. For the first 50 nm of pulling, the plots present a
representative simulation (one of the replicas) for each system studied.
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Figure S11. Statistical significance between the simulated unfolding forces of all wild type
cohesins. P-values were calculated using the Kolmogorov-Smirnov test.

S16

Figure S12. Experimental dynamic force spectrum for unfolding events of cohesin 3. Varicolored
points represent rupture force/loading rate data from an experiment with 5 different pulling speeds. Black
points represent the most probable rupture force/loading rate of each pulling speed obtained from kernel
density estimates. Error bars represent the full width at half maximum. Gray lines represent least-squares
fits of the Bell-Evans model to the experimental, and to both the experimental and the simulation data with
fitting parameters (±SD) ∆x=0.17 ± 0.012 nm, k0=6.7⋅10-4 ± 6.3⋅10-4 s-1 and ∆x=0.14 ± 0.0015 nm,
k0=4.9⋅10-3 ± 8.9⋅10-4 s-1, respectively. The red dotted line represents a least-squares fit of the DHS
model to both the combined experimental and the simulation data with fitting parameters (±SD) of
∆x=0.19 ± 0.024 nm, k0=1.4⋅10-4 ± 2⋅10-4 s-1 and ∆G=60 ± 13 kBT. In this range of loading rates the
Bell-Evans fit through the experimental data falls along the DHS fit.
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Figure S13. Network-based force propagation analysis calculated using Pearson correlation.
Suboptimal force paths were calculated using VMD during the first 5nm of pulling simulation. Note that for
all the systems beta-strands A,B and I are the main regions involved in the force propagation.
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Figure S14. Network-based community analysis calculated using generalized correlation.
Communities were calculated using VMD during the first 5nm of pulling simulation. Each color represents
a different community. Colors of the communities in different systems are not related, and should not be
compared as being the same community in different systems. Thickness of the network represents the log
of the normalized correlation value. Thick connections represent highly correlated regions.
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Figure S15. High resolution version of the sequence alignment of the
C-terminal end of the hanging cohesins 1-3.

S20

Figure S16. Statistical significance between the simulated unfolding forces Cohesin 1 and its four
mutants. P-values were calculated using the Kolmogorov-Smirnov test.
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Protein Sequences

ybbR-tag - linker and additional residues - Cohesin - linker - XDoc3
MGTDSLEFIASKLALEVLFQGPLQHHHHHHPWTSAS
Cohesin 1
TGFTVNVDSVNGNVGEQIVVPVSFANVPSNGVSTADMTITYDSSKLEYVSGAAGSIVTNPTVNFGINKEA
DGKLKVLFLDYTMSTGYISTNGVFANVTFKVLNSAPTTVGITGATFGDKNLGNISATINAGSINGG
Cohesin 2
TGFTVNVDSVNGNVGEQIVVPVSFANVPSNGISTADMTITYDSSKLEYVSGDAGSIVTNPTVNFGINKETD
GKLKVLFLDYTMSTGYISTNGVFAKVTFKVLNAGGSSVGITGATFGDKNLGSVSATINAGSINGG
Cohesin 3
TGFTVSVDSVNGNVGEQIVIPVSFANIPANGISTADMTITYDSSKLEYVSGVPGSIVTNPDVNFGINKETDG
KLKVLFLDYTMSTGYISTSGVFTKVTFKVLSSGGSTVGITGATFGDKNLGNVSATINAGSINGG
Cohesin 4
NAMAVAVGAVQGGVGETVTVPVTMTKVPTTGVSTADFTVTYDATKLEYVSGAAGSIVTNPDVNFGINKEA
DGKIKVLFLDYTMATEYISKDGVFANLTFKIKSTAAAGTTAAVGIAGTATFGDSALKPITAVITDGKVEII
Cohesin 5
KAMKVVIANVSGNAGSEVVVPVSIEGVSANGVSAADFTITYDATKLDYVSGAAGSIVKNPDVNFGINKEAD
GKLKVLFLDYTMATEYISADGIFANLTFKIKSTAVNGDVAAISKSGTATFGDKNLGPISAVIKDGSVTVG
Cohesin 6
TGFNLSIDTVEGNPGSSVVVPVKLSGISKNGISTADFTVTYDATKLEYISGDAGSIVTNPGVNFGINKESDG
KLKVLFLDYTMSTGYISTDGVFANLNFNIKSSAAIGSKAEVSISGTPTFGDSTLTPVVAKVTNGAVNVV
Cohesin 7
NAFKVSIDTVKAATGTQVVVPVSFVNVPATGISTTDMTITYDATKLQYVSGDAGSIVTNPGVNFGINKEAD
GKLKVLFLDYTMTTQYISEDGVFANVTFKVIGTDGLAAVNAEDATFGDSSLSPVTASVVNGGVNIG
Cohesin 1 A105G
TGFTVNVDSVNGNVGEQIVVPVSFANVPSNGVSTADMTITYDSSKLEYVSGAAGSIVTNPTVNFGINKEA
DGKLKVLFLDYTMSTGYISTNGVFANVTFKVLNSGPTTVGITGATFGDKNLGNISATINAGSINGG
Cohesin 1 P106G
TGFTVNVDSVNGNVGEQIVVPVSFANVPSNGVSTADMTITYDSSKLEYVSGAAGSIVTNPTVNFGINKEA
DGKLKVLFLDYTMSTGYISTNGVFANVTFKVLNSAGTTVGITGATFGDKNLGNISATINAGSINGG
Cohesin 1 T107S
TGFTVNVDSVNGNVGEQIVVPVSFANVPSNGVSTADMTITYDSSKLEYVSGAAGSIVTNPTVNFGINKEA
DGKLKVLFLDYTMSTGYISTNGVFANVTFKVLNSAPSTVGITGATFGDKNLGNISATINAGSINGG
Cohesin 1 A105G P106G T107S
TGFTVNVDSVNGNVGEQIVVPVSFANVPSNGVSTADMTITYDSSKLEYVSGAAGSIVTNPTVNFGINKEA
DGKLKVLFLDYTMSTGYISTNGVFANVTFKVLNSGGSTVGITGATFGDKNLGNISATINAGSINGG
VVPNTVTSAVKTQYVEIESVDGFYFNTEDKFDTAQIKKAVLHTVYNEGYTGDDGVAVVLREYESEPVDITA
ELTFGDATPANTYKAVENKFDYEIPVYYNNATLKDAEGNDATVTVYIGLKGDTDLNNIVDGRDATATLTYY
AATSTDGKDATTVALSPSTLVGGNPESVYDDFSAFLSDVKVDAGKELTRFAKKAERLIDGRDASSILTFYT
KSSVDQYKDMAANEPNKLWDIVTGDAEEE
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Coh3 - linker - ddFLN4 - linker and additional residues - ybbR
MGTALTDRGMTYDLDPKDGSSAATKPVLEVTKKVFDTAADAAGQTVTVEFKVSGAEGKYATTGYHIYWD
ERLEVVATKTGAYAKKGAALEDSSLAKAENNGNGVFVASGADDDFGADGVMWTVELKVPADAKAGDVY
PIDVAYQWDPSKGDLFTDNKDSAQGKLMQAYFFTQGIKSSSNPSTDEYLVKANATYADGYIAIKAGEPGS
VVPSTGSADPEKSYAEGPGLDGGESFQPSKFKIHAVDPDGVHRTDGGDGFVVTIEGPAPVDPVMVDNG
DGTYDVEFEPKEAGDYVINLTLDGDNVNGFPKTVTVKPAPGSELKLPRSRHHHHHHGSLEVLFQGPDSL
EFIASKLA
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