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Abstract | Atomic force microscopy (AFM)-based methods have matured into a powerful
nanoscopic platform, enabling the characterization of a wide range of biological and synthetic
biointerfaces ranging from tissues, cells, membranes, proteins, nucleic acids and functional
materials. Although the unprecedented signal-to‑noise ratio of AFM enables the imaging of
biological interfaces from the cellular to the molecular scale, AFM-based force spectroscopy
allows their mechanical, chemical, conductive or electrostatic, and biological properties to be
probed. The combination of AFM-based imaging and spectroscopy structurally maps these
properties and allows their 3D manipulation with molecular precision. In this Review, we survey
basic and advanced AFM-related approaches and evaluate their unique advantages and
limitations in imaging, sensing, parameterizing and designing biointerfaces. It is anticipated
that in the next decade these AFM-related techniques will have a profound influence on the
way researchers view, characterize and construct biointerfaces, thereby helping to solve and
address fundamental challenges that cannot be addressed with other techniques.
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Surfaces at which tissues, microorganisms, cells, viruses
or biomolecules make contact with other natural or synthetic materials are termed biointerfaces. Understanding
and manipulating the sensing and interactions that occur
at biointerfaces is an enterprise common to a host of scientific fields spanning materials science to medicine, systems to synthetic biology, plant biology to pathology, and
oncology to the study of the origins of life1,2. Biointerfaces
occur between cells and their surroundings, such as the
extracellular matrix (ECM), between populations of cells,
and between biotic and abiotic elements of engineered
systems3,4. Biointerfaces are relevant over a wide range
of length- and timescales, and their study is amenable to
a similarly diverse range of approaches, whether the aim
is to dissect fundamental physical and chemical mechanisms, to unravel functional significance or to directly
manipulate interfaces.
Our understanding of biointerfaces has been greatly
assisted by the development of equipment that probes
their structural and functional properties at microscopic,
or even nanoscopic, molecular resolution. Powerful
techniques have been established that find application
in the imaging or characterization of the physical, chemical and biological properties of biointerfaces5. However,
relatively few methods allow the simultaneous imaging

NATURE REVIEWS | MATERIALS

and multiparametric characterization of biointerfaces
in their native state or in an environment that simulates physiological conditions, which is of particular
importance to understand how tissues, cells and biomolecules function. Ideally, this information should be
provided from the microscopic to the (sub-)nanoscopic
scale. Furthermore, it is of great importance to be able
to directly modify the morphological, physical, chemical and biological properties of biointerfaces at similar
resolution to that at which they can be imaged.
In 1986, atomic force microscopy (AFM) was invented
to contour non-conducting solid-state surfaces at atomic
resolution by raster scanning a molecularly sharp stylus
over the surface5,6. Shortly thereafter, researchers began
to consider the AFM tip as a nanotool that allows the
imaging and manipulation of both living and nonliving matter from the atomic to the microscopic scale7,8.
The elegant simplicity of AFM allowed users to establish various imaging modes optimized for the surface
of tissues, cells, viruses, proteins, nucleic acids and bio
materials9–12. In addition, imaging biointerfaces from the
microscopic to (sub-)nanoscopic scale at unprecedented
signal-to‑noise ratio, the AFM can be used to simultaneously quantify and map their physical, chemical or
biological properties13–16. Examples of multiparametric
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imaging include measuring the binding of ligands to
receptors in real time, assessing the action of antibiotics
on bacteria, quantifying interactions between molecules
and cell and tissue surfaces, and contouring the freeenergy landscape of biomolecular reactions at interfaces12,16. Moreover, AFM can be used as a nanoscopic
toolbox that brings the molecular and cell biological laboratory to the stylus17,18 and directs molecular interactions at biointerfaces. The AFM stylus has been used, for
example, to build up 3D scaffolds with molecular precision19,20, to control and direct enzymatic reactions21 or cell
division22, and to sculpt and functionalize biointerfaces23
used to guide cellular behaviour and tissue formation3.
Insight and engineering possibilities gleaned from different AFM applications provide complementary perspectives that are vital for building a full understanding of
biointerfaces and how to engineer them. Many excellent
reviews report the unique possibilities AFM offers to
study biological problems. However, so far they are all
rather specialized and focus on individual applications.
In addition, some of them date back as many as ten or
more years. Thus, newcomers and established scientists
working on the characterization and design of biointerfaces have to search through these publications to find
the information needed. In this Review, we provide an
up‑to‑date overview of the most promising AFM-based
techniques that can be used to image and characterize
biointerfaces of various origins, report the use of AFMbased biosensors to detect biomolecular reactions in real
time, and conclude with AFM-based techniques that
allow the spatiotemporal analysis, manipulation and
design of biointerfaces.

Basic principles of AFM imaging
Invented to contour surfaces in air under ambient conditions, AFM uses a cantilever with a molecularly sharp
stylus at the free end to raster scan and contour the surface of a sample6. Such contouring of a sample, which
is always corrugated on the molecular scale, deflects
the cantilever and changes the position of a laser beam
reflected from the back of the cantilever onto a positionsensitive photodiode (FIG. 1a). This information is read
by a feedback system, whereby the vertical distance
(height) between the stylus and sample adjusts as a consequence of the force that is measured between them.
Height values of the stylus at discrete points in the scan
are plotted as a reconstruction of the topography of the
sample. The functionality of most biointerfaces is closely
related to the hydration state, and thus cantilever holders
have been designed to operate AFM in buffer solution,
at ambient or elevated (for example, 37 °C for mammal systems) temperature and, if needed, with CO2 or
humidity control. A challenge in applying AFM to image
biointerfaces in their native state is to minimize the force
at which the AFM tip interacts with the sample. Proteins
can be reversibly deformed at imaging forces >50 pN,
but in most cases irreversibly deformed at >>100 pN
(REF. 24). Similarly, the soft surfaces of mammalian cells
easily deform when subjected to the mechanical forces of
the contouring stylus. Consequently, if imaging a living
cell at forces >100 pN, the cell-membrane is deformed by

the scanning AFM stylus and the AFM topographs show
the underlying rigid cellular architecture onto which the
membrane has been pressed. In the early days of AFM,
the user had to frequently adjust imaging forces and conditions to avoid the deformation of soft heterogeneous
biointerfaces, but modern AFM imaging modes contour
biological systems with sufficiently precise force control
to avoid sample deformation or destruction12,16.
Observing biomolecular systems at work. Many AFM
imaging modes have been developed. In most of them,
the stylus is scanned over a sample while the cantilever
height is adjusted to avoid excessive force between the
stylus and sample (FIG. 1b). Plotting the height of the canti
lever for every pixel scanned results in a topography that
can approach (sub-)nanometre resolution for a range
of native biological systems, including mammalian
and bacterial cells15, cellular and synthetic membranes,
viruses25, fibrils, nucleic acids26,27, or water-soluble28 and
membrane29,30 proteins (FIG. 1c–h). Recording time-lapse
topographs allows the molecular machinery of cells to be
observed directly at work24. Studies report the observation of enzymatic subunits of ATP synthase31, communication channels32, pore-forming proteins33,34, toxins35,
light-driven proton pumps36, potassium channels37,38,
membrane protein diffusion39,40 and motor proteins41 in
action. The process of fibrillar 42,43 and filamentous44,45
growth, and of cellular fibrillogenesis and remodelling of
ECM proteins46,47 have also been recorded in time-lapse
topographs. The spatial resolution achieved in these topographs strongly depends on the tip radius, the mechanical properties and roughness of the sample, and the force
applied to the AFM stylus.
Common AFM modes for imaging biointerfaces. The
most commonly used AFM imaging mode is the contact
mode, in which a stylus is scanned across a surface while
applying a constant force. The physical principle by
which it works is analogous to the operation of a record
player turntable (FIG. 1a,b). A drawback is that a stylus
scanning across a surface can generate lateral forces that,
in many cases, are sufficient to deform or displace a soft
sample. Considerable expertise is required to mitigate
this problem while imaging soft biological samples by
contact-mode AFM. Other modes of AFM overcome
this problem more easily. Dynamic-mode imaging (also
named tapping or oscillation mode) oscillates the cantilever close to its resonance frequency so that the stylus
only touches the sample intermittently at the very end
of its downward movement (FIG. 1b). Consequently, the
lateral force and friction applied during contouring of
the sample are minimized. Physical interactions with
the sample change both the cantilever amplitude and
resonance frequency. In amplitude modulated tapping
mode, the feedback loop adjusts the stylus–sample
distance to maintain a defined set-point amplitude of
cantilever oscillation, which is used to reconstruct the
sample topography 9. The main disadvantage of this
mode is that the various sources of stylus–sample interactions that change the cantilever amplitude depend on
the structural, mechanical and chemical heterogeneity of
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Figure 1 | AFM imaging principles and applications characterizing
biointerfaces.
Nature Reviews
| Materials
a | Principle of atomic force microscopy (AFM) contouring (dashed line) biointerfaces
(an example of a cellular membrane is shown here). The stylus of the cantilever is raster
scanned across the sample to record topographic information. Depending on the AFM
imaging mode, a feedback loop keeps the force interacting between the stylus and
sample at a minimum to prevent distortion of the soft biological sample.
b | Contact-mode AFM keeps the cantilever deflection constant (constant force) by
adjusting the distance between the stylus and sample. Dynamic-mode AFM oscillates
the cantilever close to or at resonance frequency, while the stylus only touches the
sample surface intermittently. Topographic features affect cantilever oscillation, which is
used to adjust the tip–sample distance. F is force, A is amplitude and x is lateral distance.
c | α‑Synuclein aggregates stimulated by the interaction with phospholipid membranes.
d | Micellization of phase-separated membrane after exposure to lysine hexachloride
dendrimers. e | Self-assembly of RNA strands. f | MlotiK1 potassium channels. Individual
monomers of the tetramers show high structural variability as they can undergo
conformational changes that are propagated to the gate of the channel. g | Moloney
murine leukaemia viruses budding from the surface of an infected 3T3 cell. h | Fibroblast
grown on a fibronectin-coated substrate. Panel c is reproduced with permission
from REF. 197, Macmillan Publishers Limited. Panel d is reproduced with permission from
REF. 198, American Chemical Society. Panel e is reproduced with permission from REF. 199,
Macmillan Publishers Limited. Panel f is reproduced with permission from REF. 37, National
Academy of Sciences. Panel g is reproduced with permission from REF. 25, American
Society for Microbiology. Panel h is reproduced with permission from REF. 47,
American Society for Microbiology.

the sample9,48. Thus, topographs generated by dynamicmode imaging can consist of a superimposition of surface structure and tip–sample interactions that include
stiffness, surface charge, chemistry and friction. The
weight of these various contributing elements to such
topographs is not always easily deciphered.
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Multifrequency AFM imaging. More recently, mechanical excitation of the cantilever at several superimposing
frequencies has been introduced and broadly termed
multifrequency AFM9. Multifrequency AFM relies on
various approaches, including multiharmonic, bimodal
and band excitation11,49,50. The imaging process of multi
frequency AFM is as fast as that of conventional AFM,
and the analysis of multiple cantilever frequencies allows
the extraction of multiple properties of a biointerface.
However, as a consequence of the conceptual complexity
of the multifrequency system, sophisticated theoretical
descriptions are required to extract sample properties
such as topography, flexibility, adhesion, stiffness and
electrostatic potential from observable parameters, such
as the amplitude, phase or frequency shifts.
High-speed AFM imaging. For a long time, AFM imaging suffered from a rather low time resolution that
hindered its capability to follow dynamic processes.
Nowadays, key technological advances enable a signifi
cant increase in imaging speeds, leading to an operation mode called high-speed AFM10,51. These advances
include the introduction of small cantilevers with
superior response time, the suppression of mechanical
vibrations, the development of fast and stable piezoscanners and the use of a controller that dynamically
tunes feedback gains during imaging 10,52. Nowadays,
these improvements make it possible to directly observe
chaperones53, cytoskeletal motor proteins41, light-driven
proton pumps36 and enzymatic rotary motors31 at work,
collagen fibrillogenesis43 and enzymatic degradation54,
protein assembly in supported lipid membranes40,55 and
in membranes of living bacteria56, and the spatiotemporal
dynamics of nuclear pore complexes57.

Molecular and cellular force spectroscopy
Probing mechanical properties of interfaces. In the
force spectroscopy mode, AFM acts as a versatile toolbox to probe nanomechanical properties and to extract
quantitative parameters of biological systems, including
from tissues, cells, proteins and nucleic acids, and of nonbiological systems, such as functionalized surfaces or
matrices. In AFM-based force spectroscopy, a stiff AFM
stylus is driven onto a sample and retracted while the
force deflecting the cantilever and the distance travelled
are recorded in so‑called force–distance curves (FIG. 2a).
The inter- and intramolecular forces acting on the stylus
and biointerface are dependent on their physico-chemical
properties and on the buffer solution58. Since the early
years of AFM, force–distance curves have been used
to measure the mechanical properties of interfaces and
quantify van der Waals interactions, hydrophobic and
-philic properties, charges of ion layers and electrostatic double-layer interactions13,58. During approach,
the sharp-tipped AFM stylus interacts locally with the
biointerface, which it indents until a defined maximum
force is reached. Analysis of the approach force–distance
curve, and in particular the region describing indentation,
allows properties including deformation, elasticity and
dissipation to be determined. The retraction curve quantifies the adhesion force between the stylus and sample.
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Figure 2 | AFM-based force spectroscopy from single molecules to cells. a | Force spectroscopy involves an atomic
Nature Reviews | Materials
force microscopy (AFM) stylus that indents into and retracts from a sample to locally record interactions and sample
properties. Approach and retraction force–distance curves characterize the sample deformation and stylus–sample
adhesion, respectively. b | Indenting the stylus into a cell locally records mechanical responses by a force–distance curve.
c | Indenting a bead into a cell probes the mechanical response of larger areas. Force–distance curves show cortical
stiffness of ectodermal, mesodermal and endodermal cells of the zebrafish embryo. d | Confinement between two
parallel plates allows the mechanical response of a cell to be measured. The force–time curve shows the force generated
by a HeLa cell progressing through mitosis while confined to a height of 10 μm. e | Measuring the strengths of receptor–
ligand bonds. Biotin is tethered to the stylus and streptavidin to the support. The force curve recorded upon separating
receptor and ligand shows the stretching of the polyethylene glycol (PEG) linker system tethering the proteins and the
rupture force of the bond. f | Mechanically stretching a tandem-repeat protein. Each force peak characterizes the unfolding
of a single protein domain. g | Mechanically stressing the terminal end of a transmembrane β‑barrel protein leads to the
stepwise unfolding of β‑hairpins each detected by a force peak. Force peaks of the force–distance curve (red) are fitted by
the worm-like-chain model (grey). h | Attaching a cell to the cantilever allows cell adhesion to a substrate to be measured.
The force–distance curve records the maximal detachment force whereas small force events represent the rupture of single
receptor–ligand bonds. Panel c is adapted with permission from REF. 63, Macmillan Publishers Limited. Panel d is adapted
with permission from REF. 123, Macmillan Publishers Limited. Panel f is adapted with permission from REF. 98, AAAS. Panel g
is adapted with permission from REF. 200, Wiley-VCH. Panel h is adapted with permission from REF. 114, Elsevier.

Quantification of these mechanical parameters depends
on the contact area of the stylus and sample, which
with a soft interface, such as a cell or polymer cushion, increases non-linearly with indentation depth and
is difficult to determine. To circumvent this problem,
either the depth of indentation can be limited so that
only the very tip of the stylus interacts with the sample

or a nano- or micrometre-scale bead can be attached
to the end of the cantilever, which allows for a more
accurate estimation of contact area and sample indentation59 (FIG. 2b,c). Force spectroscopy has enabled the
characterization of the mechanical properties of living
cells, and has allowed these properties to be correlated
with nanomechanical activity 60, touch sensation61,62,
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development 63,64, cell states in mitosis65,66 and cancer 67,68.
AFM imaging and force spectroscopy have also been
combined to characterize the mechanical properties of
viruses depending on the packing of nucleic acids, on
capsid proteins or on environmental conditions69–71.
Although such approaches open promising avenues
towards characterizing the mechanical properties of biological systems, the mechanical response of these systems
depends on the speed of indentation (that is, the loading
rate at which force is applied)72,73. Because this mechanical response to the indentation speed is non-linear and
varies between biological systems, extrapolation from a
single loading rate is not recommended. Thus, to understand the mechanical properties of a biological system,
the characterization of this response over a wide range of
loading rates is required61,74,75.
Matters are further complicated by the heterogeneous
nature of biointerfaces, including tissues, cells, cellular
membranes, proteins or biomacromolecules. In such
cases, the location at which the stylus indents the biointerface is relevant. Therefore, heterogeneous samples are best
described by a series of spatially resolved force–distance
curves (see ‘Imaging and multiparametric characterization’). Another approach is to confine a rounded living cell
between two parallel plates: a wedged AFM cantilever and
the substrate supporting the cell22,76 (FIG. 2d). In a confined
cell, the interplay between cell cortex tension and pressure
can be described by the Laplace law77, allowing rheological
measurements78.
Single-molecule force spectroscopy of bonds. Singlemolecule force spectroscopy (SMFS) is frequently applied
to detect the binding strength of ligand receptor pairs. To
do so, a receptor or ligand is tethered to the AFM stylus
and the cognate ligand or receptor to a surface support.
Bringing the stylus and support into proximity allows a
ligand–receptor bond to form, and subsequent retraction of the stylus forces the bond to rupture (FIG. 2e). The
strength of the receptor–ligand bond can be inferred from
such rupture forces recorded in the force–distance curve.
Originally applied to measure the force required to unbind
streptavidin and biotin79–81, it was quickly recognized that
measuring rupture forces at different separation speeds
(that is, loading rates) provides information about the
kinetic properties of a bond80. Probabilistic modelling of
bond dynamics82–84 can be applied to estimate the thermodynamic and kinetic properties of ligand–receptor bonds.
These properties include the free energy difference, ΔGu,
between the bound and transition state or unbound state;
the distance, xu, between the bond and transition state; and
the transition rate of the bond, τu (reciprocal of lifetime
tu). The lifetime of molecular bonds can be also measured by subjecting the bond to a low constant force and
waiting for the rupture of the bond85,86. Constant forces
can be applied (for example, clamped) artificially by the
AFM feedback system87,88 or naturally by cell membrane
tethers89. Energetic properties of bonds characterized by
SMFS include ligands binding to G‑protein-coupled90
or serotonin91 receptors, cell adhesion to ECM substrates92, scaffold stability of bacterial cellulosomes93 and
viruses binding to cell surface receptors94,95. To accurately
NATURE REVIEWS | MATERIALS

extrapolate the thermodynamic properties of biomolecular interactions requires probing at very slow speeds and
high force sensitivity. The Perkins group established an
ultrastable AFM that reduces drift to 100 pm over tens of
minutes96 and sculpted AFM cantilevers using a focused
ion beam (FIB) to approach sub‑piconewton resolution97.
Such ultrastable and sensitive AFM assays are likely to
become more important to probe interaction strengths
and landscapes of biointerfaces in greater detail.
Protein stability and folding at interfaces. 20 years ago
it was demonstrated that individual domains of the giant
muscle protein titin can be mechanically unfolded by
SMFS and can be refolded on relaxation98 (FIG. 2f). This
experiment inspired researchers to characterize the structural stability and the unfolding, misfolding and refolding
pathways of various proteins99–101. With such SMFS-based
assays, the effect of mutations102, external agents, such as
chaperones103,104, or other co-factors21,86,105 on protein stability and folding pathways become accessible. It has been
observed that pulling one terminal end of a membrane
protein induces the stepwise unfolding and extraction of
secondary structural elements from the membrane106,107
(FIG. 2 g). Although small partially unfolded membrane
proteins can refold from the aqueous phase into the membrane107,108, large proteins are typically too complex and
misfold109,110. However, in the presence of chaperones or
translocons/insertases, large unfolded membrane proteins
can insert and refold secondary structures stepwise into
the membrane until the protein achieves its native structure110,111. Moreover, because SMFS applied to membrane
proteins detects the stability of secondary structure elements and polypeptide loops, it can be applied to study
in great detail how functional state, lipid composition or
mutations affect protein structure99.
One limitation of SMFS is the low experimental
throughput, a natural consequence of most singlemolecule approaches. Efforts to overcome this limitation have taken various forms. One is the automation of
SMFS experiments, which must be achieved while retaining control of the experimental conditions (for example,
buffer, temperature, cantilever calibration and drift)112.
A recent development of a microfluidic platform, in
which 640 spots of different proteins are covalently
anchored to a coverslip and each protein is mechanically
phenotyped by automated SMFS113, is indicative of the
potential of this approach.
Quantifying cell adhesion to interfaces. Single-cell force
spectroscopy (SCFS) measures the adhesion of a single
cell to a biointerface, which can be tissue, another cell or
a surface functionalized with ligands15,114. In most cases,
SCFS uses an AFM compatible with modern light micro
scopy and is operated under conditions that are physiologically relevant for mammalian or bacterial cells.
A single cell is then attached to the free end of a tipless
cantilever. To facilitate this attachment the cantilever can
be functionalized with charged or hydrophobic polymers
(such as polyethyleneimine, poly‑l‑lysine or polydopamine) or with receptors (such as concanavalin A) that
bind sugar residues at the cell surface114. Guided by optical
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microscopy, the functionalized cantilever is lowered into
contact with a trypzsinized cell, which readily attaches to
the cantilever. After this, the probe cell is brought into
contact with a biointerface for a given contact time and
force, and then withdrawn while a force–distance curve is
recorded (FIG. 2 h). Analysis of the force curve provides the
maximum adhesion force of the cell, which on separation
quickly decays in discrete steps. These steps describe the
rupture of bonds formed between cell surface receptors
and ligands114. This approach allows, for example, assaying how cells strengthen adhesion to ECM proteins or
other substrates. Examples that have been characterized
are Dictyostelium discoideum forming adhesion115, integrins initiating cell adhesion to ECM proteins92, cadherins
forming cell–cell adhesion116, activated leukocyte cell
adhesion molecules (ALCAMs) forming T cell contacts117,
and bacteria and yeast adhering to interfaces118,119. Because
the cell adheres to the cantilever, this interface can also be
treated to stimulate cell surface receptors and probe how
this influences the cell to initiate and strengthen adhesion
to another substrate120.
SCFS is frequently combined with optical microscopy
to monitor cell morphology during an adhesion experiment or to localize fluorescently labelled proteins15. The
cell morphology changing in response to mechanical
forces can be well observed in 3D by confocal or spinning disk confocal microscopy. Alternatively, different
solutions for side-view imaging have been developed,
allowing the direct observation of cantilever, cell and
substrate121,122. Such combinations have been applied
to investigate mechanical processes in cells inducing
membrane bleb formation or actomyosin cortex assembly 66,122,123. Other experiments have characterized the role
of the actomyosin cortex and cell membrane in membrane
tether extraction89,117,124.

Imaging and multiparametric characterization
The combination of AFM imaging and force spectro
scopy has created new possibilities for the multiparametric
investigation of biological samples11,16. The combination
of modes is frequently referred to by one of several brand
names. Brands developed by different companies differ in
how they move the stylus and sample in relation to one
another to record force–distance curves. However, we refer
to all such modes by the general name of force–distance
curve-based (FD‑based) AFM. FD‑based AFM records at
least one force–distance curve for each pixel of the resulting topography by approaching and retracting the stylus
to and from the sample, respectively. The relative ease of
interpreting force–distance curves (see above sections on
force spectroscopy) allows the straightforward extraction
of mechanical parameters such as sample deformation,
elasticity and stiffness (FIG. 3). Examples of imaging and
mapping of mechanical properties of biointerfaces include
the furrow stiffening of dividing animal cells65, various
animal and bacterial cells125–128, viruses71, membranes and
membrane proteins74,129,130, and amyloid fibrils131,132.
As introduced in the example of SMFS, functionalization of the AFM stylus with chemical groups, ligands,
receptors or viruses allows the detection of specific
interactions with biointerfaces and, for FD‑based AFM,

the ability to spatially map these interactions to the sample
topography (FIG. 4). Examples include mapping of chemical groups, sugars or proteins on animal and bacterial cell
surfaces133–135, electrostatic properties of membranes74,136
and membrane proteins137, bacteriophages extruding from
bacteria138, enveloped viruses binding to surface receptors
of animal cells95 and ligands binding to human G‑proteincoupled receptors90. The binding of two ligands to the
same receptor 139 and high-resolution (~2–5 nm) mapping
of ligand-binding events on larger protein complexes140,141
have also been demonstrated.
FD‑based AFM records hundreds of thousands of
force–distance curves per topograph to map mechanical
properties and/or interactions. Commercially available
AFMs require tens of minutes to record this amount of
data. Thus, rapid measurements are desirable to reduce
the image acquisition time and to enable the mapping of
dynamic biological processes. The first attempt to bring
SMFS to the previously unexplored microsecond time
scale was achieved by torsionally oscillating T‑shaped
cantilevers at high frequency 129. This innovative concept
considerably reduced the recording time of topographs
and multiparametric maps141,142. However, the faster
ligand–receptor bonds or chemical interactions are ruptured the more they are forced out of equilibrium. The
more a system is forced out of equilibrium the more difficult it is to extrapolate its equilibrium behaviour 82–84.
Thus, mapping chemical interactions close to thermal
equilibrium requires separating the interactions slowly.
In addition, some bonds, such as catch-bonds, show
biphasic responses to separation speed, and therefore
cannot be described using a limited range of loading
rates143. Currently, probing such biomolecular interactions over a wide range of loading rates is time consuming,
because different rates must be sequentially probed one
after the other. Therefore, it seems possible that alternative ways to speed up the data acquisition process over
a large range of loading rates will have to be developed.
At high pulling speeds (that is, high loading rates), the
hydrodynamic drag 144 and physical limitations58,145 of
the cantilever must be considered to correctly analyse the
biomolecular interactions probed. Recent attempts have
seen fast FD‑based AFM approaches applied to automatically probe biomolecular interactions at low to very
high loading rates from ~103 to 106 pN s−1 (REFS 90,142).
It might be expected that ultrastable AFMs96,97 combined
with further improved high-speed force spectroscopy
approaches142,146 will soon extend this range of loading
rates to characterize biointerfaces.

Microcantilever-based sensors
Another broad area of application of AFM is the use of
microcantilever arrays to sense chemical and biological
interactions and processes17 (FIG. 5a). Adsorption of molecules on to cantilevers changes the mass and resonance
frequency (dynamic mode) of the cantilever or induces
surface stress that deflects the cantilever (static mode).
Thus, by functionalizing one cantilever surface with a
chemical or biological compound and passivating the
remainder to suppress unspecific interactions, it is possible to detect specific interactions of molecules or cells
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Figure 3 | AFM-based imaging and mapping of mechanical properties of biointerfaces. a | High-resolution
mechanical
Nature Reviews
| Materials
analysis of a human pathological amyloid-like Tau fibril. The height image, deformation map and cross-section analysis
correlate the height (black) and deformation (red) of a fuzzy coat surrounding the fibrillar core. b | Height and flexibility map
and profiles recorded of native purple membrane. The measurements differentiate the stiffness of purple membrane surfaces,
of lipids and of the membrane protein bacteriorhodopsin. c | Height image, stiffness map and dissipation map of a live mouse
embryonic fibroblast correlate stiff fibrous structures, which are most likely cytoskeletal fibres (white arrows), and cellular
areas dissipating mechanical energy (grey arrows). β, power law exponential; E0, modulus scaling parameter; Zc, contact
height. Panel a is adapted with permission from REF. 131, National Academy of Sciences. Panel b is adapted with permission
from REF. 129, Macmillan Publishers Limited. Panel c is adapted with permission from REF. 126, Royal Society of Chemistry.

with the functionalized interface (FIG. 5b). Experiments
with such cantilevers have allowed the specific binding of biomolecules that include DNA, proteins147–149,
bacteriophages and cellular membranes150, peptides and
antibodies151,152, enabling the study of physiologically relevant conditions. Because the binding of biomolecules
to the biointerface directly affects the cantilever motion,
binding can be detected in real-time with pico- or even
femtomolar sensitivity 150. For analysis in daily laboratory routines, procedures have been developed to coat
individual cantilevers in an array with functionalizing
solutions using micropipettes or inkjet spotters17. Various
procedures have been developed to improve the sampling
rate and sensitivity of detection of cantilever deflection
and thus improve assays that sense binding to interfaces.
NATURE REVIEWS | MATERIALS

Assessing the eligibility of patients for cancer treatment
by genetic markers has led to numerous targeted therapy
approaches. In malignant melanoma, the deadliest form
of skin cancer, 50% of all cases carry the mutation V600E
in the BRAF gene encoding the serine/threonine-protein
kinase B-raf 153. To assess treatment efficacy, cantilever
array sensors have been applied in a clinical trial154 to
identify mutations in the BRAF gene from human biopsies with single point mutation sensitivity and without the
need for sequencing or labelling (FIG. 5c,d). The cantilever
assay shortens processing time to a few hours compared
with current technologies, such as Sanger and nextgeneration sequencing methods154. In other examples,
microcantilever arrays have been applied to characterize
mammalian cells and bacteria155 and the interaction of
VOLUME 2 | ARTICLE NUMBER 17008 | 7
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Figure 4 | AFM-based imaging and affinity mapping of biointerfaces. a | High-resolution affinity
imaging
of the| Materials
spindle
Nature
Reviews
assembly abnormal protein six homologue (SAS‑6) using a Ni2+-N‑nitrilotriacetate (Ni2+-NTA) functionalized atomic force
microscopy (AFM) stylus. Topography and corresponding adhesion map correlate the specific (S) adhesion events encircled
in white to the emanating arms of SAS‑6. Unspecific (U) adhesion events are encircled in blue. Force–distance curves show
selected specific and unspecific events. b | Mapping ligand binding to human protease activated receptor 1 (PAR1) using a
stylus functionalized with the native SFLLRN-peptide ligand. Topography (height image) and adhesion map together with
the force–distance curves show specific binding events that occur only at receptors. c | Mapping of virus-binding events on
living MDCK cells. The MDCK cells either express TVA receptors (red) or not. An AFM stylus bearing a single
EnvA-pseudotyped rabies virus is used to image and map the virus-binding sites on cells. Topography and adhesion map
were recorded of the area selected (enclosed in a white frame in the confocal image), including fluorescent and
non-fluorescent cells. Only cells expressing the receptors show specific binding events of the virus (framed by white dashed
lines). Panel a is adapted with permission from REF. 140, American Chemical Society. Panel b is adapted with permission
from REF. 90, Macmillan Publishers Limited. Panel c is adapted with permission from REF. 95, Macmillan Publishers Limited.

bacteria with antibiotics. Although live bacteria induce
nanometre-scale fluctuations in the motion of cantilevers
to which they are attached, dead ones do not 156 (FIG. 5e).
Such applications provide fast and reliable diagnostics
in the battle against multiresistant bacteria and help to
quickly identify appropriate therapies for patients151,152,156.

Patterning and assembly of biointerfaces
Assays for the assembly of molecular systems. Progress
in biointerface research and application depends on the
ability to characterize and engineer them1,2. AFM is suited
not only to imaging interfaces at the (sub-)nanometre
scale, but also to manipulating surfaces, because AFM
operates with a stylus in close proximity to or in contact

with a sample. Scanning probe nanolithography (SPL)
encompasses various approaches that either remove or
add material with nanometre precision and relatively
modest technological demands20,157 (FIG. 6). The range of
SPL approaches stems from the wealth of nanoscale interactions that can be manipulated by an AFM stylus. Such
interactions can be mechanical, thermal, electrostatic
or chemical in nature, or combinations thereof. Recent
developments allow SPL to be performed in ambient
atmosphere or in buffer solution, which allows manipulation of soft matter such as organic molecules, polymers
and proteins158,159. These capabilities make SPL appealing for research and engineering applications of biointerfaces. Although numerous promising AFM-based
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Figure 5 | Characterizing reactions of biointerfaces in real time using AFM-based microsensors. a | Environmental
chamber of a microcantilever array. The Peltier element controls the temperature, and input and output tubes exchange
liquids. Laser beams are reflected from microcantilevers onto a position-sensitive detector to measure their motions.
b | Principle of microcantilever arrays detecting biomolecular and cellular interactions. Individual microcantilevers are
functionalized with chemical or biological molecules or cells to detect their interactions by the differential readout of
their deflection. Examples include functionalization with RNA, DNA, antibodies or cells. Passivation prevents non-specific
interactions of solutes with the cantilevers. c | Surface stress of microcantilevers functionalized with the V600E mutated
BRAF gene and measured after injection of a solution containing a wild type (red) and mutant BRAFV600E gene (grey).
Dashed lines and coloured bars indicate the duration of solution injection. d | Langmuir isotherm (R2 = 0.97) fit of
experimental data showing that the 13‑mer BRAFV600E sequence can be detected in a larger DNA fragment at various
concentrations. e | Probing bacterial vibrations at the nanometre scale and the action of antibiotics. The top section shows
cantilever fluctuations before attachment of bacteria; the middle section shows that attachment of bacteria increases the
mechanical fluctuations of the cantilever; and the bottom section shows that fluctuations cease upon exposure to
antibiotics. Panels b–d are adapted with permission from REF. 153, Macmillan Publishers Limited. Panel e is adapted with
permission from REF. 156, National Academy of Sciences.

applications have been introduced to pattern and assemble biointerfaces hierarchically, we focus here on a few
advanced examples that remove, modify or deposit material on surfaces. These include mechanical SPL, thermal
and thermochemical SPL (t‑SPL and tc‑SPL), dip-pen
nanolithography (DPN) and single-molecule cut-andpaste (SMCP).
Most SPL applications sculpt nanoscopic patterns by
depositing or removing layers of macromolecules onto a
surface20 (FIG. 6a). The patterning of block copolymers160,
lipids161, collagen matrices158,162 and proteins158 have been
reported. Currently, the throughput of patterning a surface with 10 nm precision using a single AFM stylus
approaches the range of 104–105 μm2 h−1. Nowadays, the
combination of non-destructive AFM imaging and the
NATURE REVIEWS | MATERIALS

patterning of interfaces enable automatized closed-loop
lithography. Such lithography tools can autonomously
image, pattern and optimize the patterning process20,
facilitating the creation of high-resolution nanoscale
structures.
Thermal scanning probe lithography. Organic poly
mers are used for resists in optical lithography or to
design nano- and microscopic devices (for example,
polydimethylsiloxane masks) for biological research. In
t‑SPL, an AFM stylus is heated to 300–350 °C in ~5.5 μs
pulses to locally desorb material from a thin organic
film19 (FIG. 6c,d). 2D patterns can be freely shaped with
the precision of a few nanometres (FIG. 6e). 3D structures
can be sculpted using this technique by the successive
VOLUME 2 | ARTICLE NUMBER 17008 | 9
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a Nanolithography by mechanical force

b Aligning copolymers
Tip travel direction

Cantilever
Stylus

Scanning direction

Surface

Polymer

400 nm

c Thermal nanolithography

d Cantilever with Joule heated
stylus

∆T

15 μm

e Patterned polymer
Evaporating
polymer

1 μm

f Dip-pen nanolithography

g Molecular ink-feeded stylus

Molecules

Figure 6 | AFM-based sculpting, patterning and
assembly of biointerfaces. a | Principle of scanning
probe lithography (SPL). By adjusting the force applied
to the atomic force microscopy (AFM) stylus, thin layers
deposited on surfaces are patterned with nanometre
precision. b | Stylus-aligned region of copolymer chains
coating a surface. c | Principle of thermal SPL.
d | Scanning electron microscopy (SEM) of a silicon
cantilever comprising integrated joule heaters for tip
heating to evaporate molecular resists coating an
interface. e | Topograph of a nanoscopic pattern written
into phthalaldehyde polymer in 0.76 seconds. f | Principle
of dip-pen nanolithography. An alkanethiol ink-coated
AFM stylus brought into contact with a gold substrate
forms a water meniscus (blue) through which molecules
diffuse to the surface. While scanning, ink molecules
assemble along the path of the stylus, forming stable
nanostructures. g | Patterning using a hollow stylus that
feeds molecular ink from a reservoir to the support.
h | SEM showing patterned PS‑b‑PMMA block
copolymers (depth 70 nm, width 260 nm). i | Principle of
the single-molecule cut-and-paste (SMCP) process.
The AFM stylus uses a DNA oligomer to pick up single
molecules from discrete storage sites and transfer them
to a target site, where they are deposited with
nanometre precision. The length and binding geometry
of DNA oligomers used as an anchor or handle are
chosen such that this process can be repeated many
thousands of times. j | Pedestrian traffic light icons
assembled from proteins with red (Cy5) and green (GFP)
fluorophores by SMCP. The height of the icons is
approximately 7.5 μm. PMMA, polymethyl methacrylate;
PS, polystyrene. Panels d and e are reproduced with
permission from REF. 164, Institute of Physics. Panels f
and g are adapted with permission from REF. 169,
Macmillan Publishers Limited. Panel h is reproduced with
permission from REF. 172, Macmillan Publishers Limited.
Panel i is adapted with permission from REF. 23, AAAS.
Panel j is reproduced with permission from REF. 201,
American Chemical Society.
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removal of material in layers of defined thickness. Recent
improvements of the technique have considerably shortened turnaround time, and surfaces can be structured
with a line frequency of up to 500 kHz (REFS 163,164).
Other developments include the use of heated styluses
to locally remove covalently bound material165,166 or to
induce chemical modifications (such as in tc‑SPL)163,167.
The ability to directly create structures on interfaces and
to chemically modify them provides opportunities for
innovative biointerface research and engineering 157.
Dip-pen nanolithography. DPN uses an ‘ink’-coated
AFM stylus to deliver molecules to a surface through a
solvent meniscus, which forms in ambient atmosphere
by capillary condensation168,169 (FIG. 6f). This direct-write
technique offers high-resolution patterning capabilities
for several molecular and biomolecular inks on a range
of hard- and soft-matter substrates, such as metals, semiconductors, glass and functionalized surfaces. An ink is
a solution of molecular compounds to be deposited by
DPN. Water-insoluble inks, such as solvent-free preparations of phospholipids, can also be deposited to a surface in an aqueous environment via the meniscus that

Nature Reviews | Materials
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forms between the immiscible ink and water 170. Owing
to the capability of directly writing multiple compounds
sequentially by dipping a stylus into a reservoir of one
ink after another, or in parallel by using multiple styluses writing in different inks, DPN is an appealing tool
for depositing molecules with nanoscopic precision.
Alternatively, nanodispensing approaches use hollow
styluses with an annular aperture to deposit ink171
(FIG. 6 g). The patterning of interfaces with nanoarrays
of biological or organic molecules is of particular interest in biointerface research, because these arrays can be
used to direct cellular processes including adhesion,
migration and proliferation. Notably, a range of macromolecules, including DNA, peptides, proteins, block
copolymers, lipids, as well as viruses and bacteria, have
been patterned using direct-write or indirect adsorption approaches169,172 (FIG. 6 h). The conceptual simplicity
of AFM lends itself to parallelization using cantilever
arrays173. However, because using several AFM styluses
in parallel is not suitable for large-scale molecular printing or massive parallelization, 2D arrays of styluses have
been introduced with as many as 55,000 styluses that can
write molecular patterns on surfaces simultaneously 174.
Such 2D arrays of styluses increase the throughput of
DPN by orders of magnitude and allow the processing
of centimetre-scale surfaces with <100 nm precision. In
the meantime, DPN arrays have been engineered with
even more styluses to pattern interfaces with biological
molecules157.
Single-molecule cut-and-paste. SMCP combines the
superb positioning precision of AFM with the selectivity
of biomolecular recognition to pick individual molecules
from a depot chip and arrange them on a target interface
one by one23 (FIG. 6i). Functional molecular ensembles are
created bottom‑up on the target interface with properties arising from the composition and arrangement of
their constituent molecules. A molecular assembly is
created by allowing a functionalized AFM stylus to bind
to a transfer molecule from the depot area (FIG. 6j) via
a specific molecular handle. On retraction, the storage
bond anchoring the transfer molecule to the depot surface ruptures and the transfer molecule now attached
to the cantilever is moved to the target site. At a chosen
position, the AFM stylus is lowered and the transfer molecule forms a deposition bond with an anchor molecule
on the target surface. On retraction of the AFM stylus,
the handle bond ruptures, leaving the transfer molecule attached to the target surface and the stylus free to
pick up another transfer molecule from the depot area.
SMCP is based on non-covalent but thermally stable
bonds for storage (depot), handling (AFM stylus) and
deposition (target)23. Anchors and handles are typically
composed of DNA175,176, but alternatively, a broad range
of protein-based ligand–receptor systems can be used.
Anchors and handles must be chosen such that the force
required to rupture the storage bond is lower than the
force required to rupture the handle bond, which in turn
is lower than the force required to rupture the deposition bond. Each of these steps is monitored by force–
distance traces that can be read to determine whether
NATURE REVIEWS | MATERIALS

each step of the cut-and-paste assay occurs as expected177.
Several thousand cycles may be carried out with negligible loss in transfer efficiency 178. SMCP has been used
to assemble recognition patterns based on either short
DNA or RNA strands or proteins. When proteins are
used, a force hierarchy must be chosen such that proteins
are not denatured by forces they are subject to during
transfer 176. Larger biomolecules or nanoparticles have
also been included in patterns assembled by SMCP178.
In addition, split aptamers have been recombined locally
to form functional receptors for small molecules179.

AFM as a multifunctional toolbox
We have reviewed the unique capability of AFM-based
technologies to image, probe, parameterize and manipulate biointerfaces. In some of these applications, especially
when characterizing complex biosystems, it is advisable
to complement AFM with optical microscopy and spectroscopy. In the following sections, we outline how AFMbased methods can be combined with other techniques
to bring chemical, biophysical, and cell and molecular
biological laboratories to the stylus. Based on selected
examples, we summarize promising research highlights
that we predict will pave the way for how AFM-based
technologies are applied to address the current and future
problems of biointerfaces.
Combining advanced optical microscopy with AFM.
The combination of AFM with optical microscopy,
including differential interference contrast or phase
contrast microscopy, was introduced shortly after AFM.
However, working with complex biointerfaces, such as
living cells or tissues, often requires the correlation of
topographical or mechanical properties measured by
AFM with morphological information. Hence, fluorescence microscopy imaging of specifically labelled
biomolecular species in living cells can be advantageous117,123,180. The resolution of optical microscopy
should be as high as possible to be able to relate optical
images with AFM images, which are not constrained by
the diffraction limit. One promising way to close this resolution gap is to combine super-resolution microscopy
with AFM181,182. AFM-based methods are particularly
suitable to characterize single molecules at biointerfaces.
Topographic, mechanical and physicochemical information can be correlated with single-molecule fluorescence
techniques or with total internal reflection fluorescence
(TIRF) microscopy, which provides an outstanding
signal-to‑noise ratio for the detection of fluorophores
(FIG. 7a,b). Such combinations have been applied to optically monitor the cut-and-paste of single molecules177,
to watch motor proteins walking 183 and to observe the
extraction and rupture of membrane tethers from cell
surfaces adhering to substrates117.
AFM-based optical nanospectroscopy. Most biointerfaces are composed of various different biological or
chemical molecules. A ubiquitous example of such an
interface is the plasma membrane that forms the surface
of living cells. The membrane comprises thousands of
different molecules (such as lipids, sugars and proteins),
VOLUME 2 | ARTICLE NUMBER 17008 | 11
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Figure 7 | Combining AFM with other microscopic and spectroscopic approaches. a | Schematic diagram of the
Nature Reviews | Materials
combination of atomic force microscopy (AFM) and total internal reflection fluorescence (TIRF) microscopy. TIRF only
detects fluorescence within the evanescent wave extending ~100 nm into the solution. This restriction reduces
background signal and improves the signal-to-noise ratio of fluorescence. b | A microscopic snowflake pattern deposited
from 552 green fluorescent proteins (GFP) using the AFM-based cut-and-paste assay and imaged by TIRF. c | Principle of
AFM-based tip enhanced or scattered spectroscopy. In tip-enhanced Raman spectroscopy (TERS), an objective focuses
the excitation beam to the tip and sample to collect the Raman scattered light. Enhanced scattering only occurs where
the tip is close to the sample. d | AFM topography (top) and the phase of the excitation resonance of the amide mode
(bottom) of purple membrane patches. In this experiment, the AFM tip was used to contour the sample and to scatter
infrared light from the tip–sample interface. e | Schematic diagram of scanning conductance microscopy (SICM). An
electrolyte-filled nanopipette mounted on piezoelectric elements contours the surface of an object (I, current; V, voltage).
f | Image of a hippocampal neuron showing the neuronal network. Panel b is reproduced with permission from REF. 176,
American Chemical Society. Panel d is adapted with permission from REF. 185, American Chemical Society. Panel f is
reproduced with permission from REF. 188, Macmillan Publishers Limited.

and its composition and supramolecular arrangement
dynamically change in accordance with the cell state.
Understanding this dynamic process requires structural and chemical analysis of all the components of
cellular membranes across length scales ranging from
sub-nanometre to micrometre and times scales ranging

from microseconds to hours. Although optical superresolution microscopy has been developed and brought
to nanometre-scale imaging, in complex environments,
observation of a species of interest often requires selective labelling. Because fluorescence labelling can only
be performed on a few molecules of interest at once
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(up to about five species), most of the cellular membrane
is not imaged. Apertureless scanning near-field optical
microscopy (SNOM) can provide nanoscopic resolution
of biointerfaces and can, in combination with label-free
spectroscopic methods, analyse their chemical composition184 (FIG. 7c). In such measurements, a sharp stylus
contours the biointerface and at the same time acts as an
optical antenna that confines incident electromagnetic
waves to dimensions determined by the nanoscale tip
apex, which enhances spectral emission at the interface.
Together the topography and the spectral composition
of the emitted light detected for each topographic pixel
can provide insight into the chemical composition of the
biointerface. Although this method is still in its infancy,
recent progress indicates that it is possible to image membranes or other biointerfaces. Examples include using
SNOM to topographically image purple membrane and
at the same time detect local protein density via infrared
radiation185 (FIG. 7d). Others have applied the same principle but used infrared to differentiate native and misfolded
protein aggregates186.
Scanning ion conductance microscopy. SICM raster
scans an electrically charged micro- or nanopipette
filled with electrolyte across a biointerface (FIG. 7e). As
the distance between the tip of the micropipette and the
sample changes, the ion conductance, and thus the current flowing through the tip–sample gap, also changes.
Variations in the ion current are used as a feedback signal to keep the distance between the pipette and sample
constant while contouring the biological object 187. SICM
has been refined over the years in various offsprings such
as hopping probe ion conductance microscopy 188,189.
The broad applicability of SICM to characterize bio
interfaces, ranging from neurons, stereocilia of hair cells,
synapses, clathrin-coated pits or lung tissue, has been
demonstrated190–192 (FIG. 7f). On living cells, the topographic resolution can approach <10 nm, which is sufficient to localize single-membrane proteins193. In addition
to contouring biointerfaces, the pipette can conduct
local patch-clamp measurements for the electrophysio
logical characterization of presynaptic ion channels or
neurotransmitter release189,190. Recently, SICM-based
quantitative surface conductivity microscopy has been
introduced, which contours biological membranes and
simultaneously maps their surface charge density at
nanoscale resolution194. The approach is sufficiently
sensitive to differentiate the surface charge densities of
cationic, anionic and zwitterionic lipids. Particularly,
when combined with other AFM-based imaging modes
— confocal micros copy or super-resolution optical
microscopy 195,196 — SICM becomes a powerful tool for
non-contact high-resolution imaging of the complex 3D
surfaces of living cells.

Summary and perspective
Since its invention 30 years ago, AFM has undoubtedly had
a considerable impact in the life sciences and in characterizing and manipulating biological interfaces. In this Review,
we have endeavoured to highlight the wealth of AFMbased modalities that have been implemented over the
NATURE REVIEWS | MATERIALS

years leading to the multiparametric and multifunctional
characterization of biological systems.
AFM-based methods allow imaging of native bio
interfaces at high resolution and simultaneous mapping
of the mechanical, electrostatic, kinetic and thermodynamic properties of functional groups and binding
sites. AFM-based force spectroscopic modes enable
the characterization of single receptor–ligand bonds,
protein unfolding and refolding, and the mechanoelastic properties of peptides, nucleic acids, sugars and
polymers. Cell adhesion to the interface of substrates,
other cells or tissues can also be quantified using such
modes. AFM-based SPL methods allow the nanoscopic
patterning of surfaces with proteins, lipids, polymers
or chemical molecules. Advanced SPL methods even
allow the hierarchical assembly of 3D biomolecular
systems on interfaces. AFM-based microcantilevers
are used to detect molecular binding and reactions at
interfaces in real time. Examples include the binding
of antibodies, complementary strands of nucleic acids
and nanomechanical vibrations of cells, which are sensitive to drug treatment. In some highlighted examples, the future trend to combine different AFM-based
approaches to characterize biointerfaces is already
distinct. The combination of two or more AFM-based
modalities to characterize multiple parameters of complex biointerfaces, of which FD‑based AFM is a prominent example, increases the diversity and volume of data
that can be acquired in an experiment. Such combination allows, for example, correlation of ligand-binding
events to topographies of protein complexes or living
cells. In other examples, AFM is combined with modern
optical techniques such as confocal fluorescence micro
scopy or Raman spectroscopy. It is evident that these
combinations provide new ways to unravel the structure–function relationship of complex biointerfaces
and to modify these properties. We expect that in the
near future more AFM-based modalities and complementary techniques will be combined into single experiments to address pertinent problems and challenges
in the life sciences.
Challenges that might be addressed with multi
functional approaches, which focus and combine modern chemical, biophysical and cell biological laboratories
on a nanoscopic stylus, include the characterization of
the different functional states of the same cell-surface
receptor depending on its location in the cell membrane and the determination of the interactions that
modulate these states. How these states depend on the
supramolecular assembly of receptors and how the living cell modulates these states are also open questions.
Other challenges might be to use systems engineering
approaches to guide chemical or biological reaction
pathways by the hierarchical assembly of enzymes, polymers or cells on biointerfaces. Ultimately, manifold discoveries and engineering possibilities will materialize as
multiparametric tools allow systems of increasing complexity to be probed and manipulated. It seems beyond
doubt that AFM-based methods that revolutionized
nanotechnology 5 are to have a similar effect on how we
view and utilize biointerfaces.
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