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Klara H. Malinowska, Thomas Rind, Tobias Verdorfer, Hermann E. Gaub, and Michael A. Nash*
Lehrstuhl für Angewandte Physik and Center for Nanoscience, Ludwig-Maximilians-Universität, 80799 Munich, Germany
ABSTRACT: We present a polymerization-based assay for determining the
potency of cellulolytic enzyme formulations on pretreated biomass substrates.
Our system relies on monitoring the autoﬂuorescence of cellulose and
measuring the attenuation of this ﬂuorescent signal as a hydrogel consisting
of poly(ethylene glycol) (PEG) polymerizes on top of the cellulose in
response to glucose produced during sacchariﬁcation. The one-pot method
we present is label-free, rapid, highly sensitive, and requires only a single
pipetting step. Using model enzyme formulations derived from Trichoderma
reesei, Trichoderma longibrachiatum, Talaromyces emersonii and recombinant bacterial minicellulosomes from Clostridium
thermocellum, we demonstrate the ability to diﬀerentiate enzyme performance based on diﬀerences in thermostability, cellulosebinding domain targeting, and endo/exoglucanase synergy. On the basis of its ease of use, we expect this cellulase assay platform
to be applicable to enzyme screening for improved bioconversion of lignocellulosic biomass.

A

The HyReS assay has an ability to rapidly quantify activity,
thermostability, exo/endo synergy, and targeting eﬀects in
cellulotytic enzyme formulations as well as to show digestibility
variations between diﬀerent industrially relevant types of
biomass.13
Assay Principle. Most of the commonly used cellulase
activity assays rely on absorption or ﬂuorescent dyes for signal
detection. Those include the IUPAC-standardized colorimetric
ﬁlter paper assay (FPA) in traditional14,15 and microplate16−18
formats, as well as bioenzymatic assays such as glucose oxidase
(GOx)/horseradish peroxidase systems with ﬂuorescence
detection19,20 and hexokinase/glucose-6-phosphate dehydrogenase systems based on nicotinamide adenine dinucleotide
absorbance in the near-UV.21,22 Novel glucose detection
techniques also use ﬂuorescent dyes for readout.20,23−25
However, both cellulose and lignin exhibit autoﬂuorescence,26,27 a property that was previously used to map changes
in cellulose and lignin content and their spatial distribution
during biomass pretreatment28 and to track changes in biomass
structure along with localization of cellulolytic enzymes in real
time.6 As we show in this work, the intrinsic ﬂuorescence of
biomass can also be exploited to eliminate the need for dyes
and labels in cellulolytic assays altogether.
Activity of cellulolytic cocktails is routinely assayed on
standardized substrates such as ﬁlter paper, carboxymethyl
cellulose (CMC), or Avicel29 which, though readily available
and easy to handle, have properties distinctly diﬀerent from
those of industrially relevant pretreated biomass.30 The need
for employing real lignocellulosic substrates in screening of
cellulases is recognized in the community.4,31,32 Several
solutions have been proposed including the use of ﬁnely

long-standing goal in the chemical sciences has been to
develop biobased systems for eﬃcient conversion of
naturally occurring plant cell wall biomass into soluble sugars.
This second-generation route toward renewable fuels and
chemicals has the potential to alter the international landscape
governing energy and chemical commodity markets in the near
future. Eﬃcient production of soluble fermentable sugars from
lignocellulosic biomass would provide a valuable input into
standard fermentation processes, or alternatively feed into
processes involving synthetic microorganisms for the production of a wide range of chemicals, pharmaceuticals, and other
valuable products.
In order to improve biological enzyme-based conversion
systems for sacchariﬁcation of lignocellulosic biomass, enzyme
formulations are being steadily improved through a combination of directed evolution and semirational design strategies.1−3
In terms of screening for enzyme activity, lignocellulosic
bioconversion systems present a unique challenge.4 The
lignocellulosic substrates are not easily standardized, and the
mass content of the primary components (lignin, hemicelluloses, and cellulose) will vary widely depending on the
nature of the feedstock, where it was grown, and how it was
pretreated.5 Also, microscopic structure of a substrate plays a
key role in enzyme adsorption, kinetics, and eﬃciency, as
shown by recent spatially and time-resolved studies utilizing
ﬂuorescence6−9 and atomic force microscopy.10−12 New assays
for evaluating the eﬀectiveness of enzyme formulations on realworld industrially relevant pretreated biomass that are
straightforward to implement, compatible on natural substrates,
rapid, and highly sensitive are therefore clearly needed.
Here we present the use of a label-free hydrogel reagent
signaling system (HyReS) for assaying hydrolysis of lignocellulosic biomass. Formation of a cross-linked hydrogel at the
location of glucose production attenuates the autoﬂuorescence
of cellulose and is used for quantifying total cellulolytic activity.
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shorter wavelengths in the spectrum of ﬁlter paper were
attributed to optical brighteners.39 These results identify 365/
430 nm wavelength as an optimal choice for universal detection
of biomass substrates using the HyReS assay.
We note that drying of biomass can aﬀect the crystalline
structure and digestability. The polymerization assay, however,
is also compatible with never-dried biomass. In our experience,
simple centrifugation of a biomass slurry in a 96-well plate
results in a compacted cellulose sediment at the bottom of the
wells that is suﬃciently cohesive to withstand gentle addition of
liquid, allowing for the same autoﬂuorescence measurement
(described below) to be performed with never-dried biomass.
Assay Validation. In a proof-of-principle experiment, we
used the label-free HyReS system to quantify cellulolytic
activity of a Trichoderma reesei enzyme cocktail. Cellulases over
a concentration range from 0 to 100 μg mL−1 were premixed
with components of the label-free HyReS assay and preheated
to 37 °C. Discs of pretreated biomass were placed in wells of a
microtiter plate, and the assay mix was added. The plate was
incubated at 37 °C, and cellulose ﬂuorescence was monitored
over time.
The resulting time-resolved autoﬂuorescence attenuation
patterns were similar for both biomass samples (Figure 3, parts
A and B, top). During the ﬁrst 20 min of incubation,
ﬂuorescence intensity decreased until a plateau was reached
at approximately 80% of initial signal intensity. This behavior
was consistent for all wells including the negative control
without cellulolytic enzymes present. This initial decrease was
due to changes in the liquid meniscus shape at early time
points, conﬁrmed by time-lapse video microscopy of the wells
from the side. Control measurements indicated no signiﬁcant
photobleaching of the sample under the experimental
conditions. After this initial decline in ﬂuorescence, a second
drop in signal intensity down to approximately 40% of the
initial ﬂuorescence was observed. The second drop in
autoﬂuorescence was the result of formation of a thin, opaque
hydrogel ﬁlm on the substrate surface. Afterward, the
ﬂuorescence intensity rose slightly until the end of the
measurement, which can be explained by a gradual evaporation
of liquid from the wells, resulting in a decreased path length
through the liquid.
The time at which the hydrogel ﬁlm formed and attenuated
the ﬂuorescence signal was dependent on the concentration of
cellulases present in the sample. Higher concentrations of
cellulolytic enzymes resulted in a faster rise of glucose
concentration in the vicinity of the substrate and led to earlier
formation of the hydrogel ﬁlm. To quantify this eﬀect, we
developed a data analysis method involving normalization,
smoothing, and numerical diﬀerentiation of ﬂuorescence time
traces (see the Experimental Section). The maximum value of
the derivative corresponds to the fastest signal attenuation per
unit time and, consequently, to the most rapid rate of hydrogel
production (Figure 3, parts A and B, bottom). The time at
which the maximal signal change occurred plotted against the
concentration of cellulolytic enzymes on a log scale (Figure
3C) shows that the relation between cellulose concentration
and attenuation time is nonlinear. The assay is sensitive down
to 3 and 1 μg mL−1 T. reesei enzymatic cocktail within 200 min
on napier grass and miscanthus, respectively. Longer incubation
times can increase sensitivity even further. In terms of absolute
glucose sensitivity, our prior work described calibration of a
similar HyReS assay that did not rely on substrate

ground substrate in suspension33 and preparation of substrate
discs from biomass sheets.34
The principle of our label-free HyReS system is the
attenuation of lignocellulose autoﬂuorescence due to light
scattering on a hydrogel ﬁlm formed at the location of glucose
production (Figure 1). The GOx/Fe(II) system, described

Figure 1. Schematic overview of the label-free HyReS system. (A)
Cellulolytic enzymes (e.g., exo/endoglucanase and β-glucosidase)
hydrolyze lignocellulosic biomass producing glucose. Sacchariﬁcation
products are oxidized by GOx creating hydrogen peroxide that reacts
with an Fe2+ Fenton reagent to produce short-lived hydroxyl radicals.
The hydroxyl radicals initiate free radical polymerization of a PEG
hydrogel, cross-linking PEG at the surface of the cellulosic substrate.
(B) Autoﬂuorescence of cellulose in the near-UV range is used to
detect the hydrogel ﬁlm. Prior to hydrogel formation, the optical path
between the excitation source and detector remains unobstructed and
the epiﬂuorescence signal is collected. Once glucose release initiates
gel formation, both excitation and emission light is scattered by the
turbid gel, resulting in signal attenuation.

previously in detail by our group and others,25,35,36 enables
selective polymerization of poly(ethylene glycol) (PEG)
hydrogel in the presence of glucose. Glucose is oxidized by
GOx, and the resulting hydrogen peroxide further reacts with a
Fenton reagent (Fe2+ ions) producing ·OH radicals. The
resultant hydroxyl radicals then initiate free radical polymerization of PEG diacrylate, resulting in a densely cross-linked gel.
Radical polymerization serves as a signal ampliﬁcation step
since multiple monomers are incorporated into the hydrogel
network for each released glucose molecule. The Fenton
reagent can then be regenerated in the reaction of Fe3+ with
ascorbic acid.37 Substrate autoﬂuorescence is measured in epiillumination mode from above, and formation of turbid gel is
detected via ﬂuorescence signal attenuation.

■

RESULTS AND DISCUSSION
Substrate Characterization. We prepared 6 mm discs of
pretreated biomass (napier grass and miscanthus, Figure 2,
parts A and B) using standard laboratory equipment. As
opposed to ﬁlter paper, pretreated biomass contains traces of
lignin which inﬂuences its digestibility. Figure 2C shows Raman
spectra of substrates with bands attributed to cellulose (380,
435, 1095, 1123, 1377, and 2985 cm−1) present in all samples
and lignin (1600 cm−1) absent in ﬁlter paper.38 Autoﬂuorescence spectral scans of all substrates (Figure 2D−F) were
dominated by broad cellulose peaks with maxima at λex =
365 nm and λem = 430 nm.27 An additional broad shoulder at
longer wavelengths present in the spectra of napier grass and
miscanthus originates from lignin,28 while multiple bands at
7134

DOI: 10.1021/acs.analchem.5b00936
Anal. Chem. 2015, 87, 7133−7140

Article

Analytical Chemistry

Figure 2. Pretreated biomass substrate characterization. Side and top view of cylindrical discs (6 mm in diameter) produced from (A) napier and (B)
miscanthus perennial grass. (C) Raman spectra of pretreated biomass substrates using 568 nm excitation. Bands at 380, 435, 1095, 1123, 1377, and
2985 cm−1 were attributed to cellulose, with lignin contribution visible at 1600 cm−1. Spectra were background-corrected and vertically oﬀset for
clarity. Excitation/emission autoﬂuorescence spectral scans of (D) ﬁlter paper, (E) miscanthus, and (F) napier grass exhibited a prominent cellulose
peak at ≈365/430 nm λex/λem. A lignin shoulder at longer wavelengths was present in miscanthus and napier grass samples.

and napier grass (Figure 5). While EXG alone and combined
with βG was equally eﬀective on both substrates, the rate of
glucose production from napier grass by ENG (with and
without βG) was much higher than from miscanthus. As
expected, combining EXG and ENG led to drastically increased
hydrolysis rates on both substrates. For example, the Tmax
values for individual EXG and ENG on miscanthus were 109
and 127 min, respectively, which corresponds to the activity of
approximately 4 and 1 mg mL−1 of T. reesei enzymatic mixture.
The combined EXG/ENG mixture had Tmax of 61 min, which
compares with the hydrolytic potential of approximately 15 mg
mL−1 of T. reesei cellulases. The activity of the EXG/ENG
mixture was much higher than the sum of activities of the
separate EXG and ENG enzymes independently, therefore
indicating their synergistic action on solid cellulose. It is worth
noting that a EXG/ENG/βG formulation was more eﬀective on
pretreated napier grass than on miscanthus, contrary to the T.
reesei cocktail which hydrolyzed the latter substrate preferably
(Figure 3).
CBMs are known to increase cellulolytic activity both when
connected to single catalytic domains by ﬂexible linkers and
when incorporated into cellulosomal scaﬀolding.44,45 We
evaluated the eﬀect of CBM incorporation of cellulose
decomposition by comparing trimodular Cel8A-loaded minicellulosomes with and without a CBM in the scaﬀold.
Concentrations of 0.2 μM of minicellulosomes (corresponding
to 0.6 μM of endoglucanase) showed a signiﬁcant increase in
hydrolysis rate on various biomass types when loaded onto a
miniscaﬀold containing a CBM domain (Figure 6). This was
due to the high aﬃnity of CBM to cellulose that prolonged the
bound lifetime of the catalytic domains on the substrate and

autoﬂuorescence. For that system, linear dynamic range was
between 0.05 and 5 mM glucose.25
In an analogous experiment we tested the ability of the
system to detect diﬀerences in combined cellulolytic activity of
exoglucanase (cellobiohydrolase I, EXG), endoglucanase
(ENG), and β-glucosidase (βG) upon changes in ENG
concentration. The concentrations of EXG and βG were kept
constant at 1 μM and 1 mg mL−1, respectively, while the
concentration of ENG was varied between 0 and 0.5 μM. The
position of the maximum rate of change of the ﬂuorescence
signal correlated well with enzymatic activity (Figure 4).
Mixtures containing more ENG produced glucose faster and
thus enabled the formation of a hydrogel ﬁlm in a much shorter
time.
Quantifying Synergistic and Targeting Eﬀects. Synergy, or an enhanced activity of diﬀerent types of cellulases
acting together, is an important design parameter for
development of multienzyme formulations.40,41 However,
synergistic eﬀects in complex mixtures of enzymes can be
hard to predict, and the extent of synergy is strongly substratedependent, competition being the most extreme case.42 Also,
the eﬃciency of targeting enzymes to the substrate by cellulose
binding modules (CBMs) is strongly dependent on the
microscopic structure of biomass.43 Because of these complex
enzyme−enzyme and enzyme−substrate dependencies, it is
important to experimentally evaluate various cellulase compositions on relevant biomass sources to adequately judge synergy
and targeting eﬀects.
To address this point, we used the label-free HyReS assay to
assess cellulolytic activity of an enzyme mixture containing
1 μM EXG, 0.1 μM ENG, and 1 mg mL−1 βG on miscanthus
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Figure 4. Detecting cellulolytic activity of an exo/endoglucanase mix
by measuring attenuation of (A) napier grass and (B) miscanthus
autoﬂuorescence. (A and B, top) Changes of epiﬂuorescent signal vs
time. Shadowed areas represent the standard deviation of ﬁve
measurements. (A and B, bottom) First derivative of ﬂuorescence
signal vs time. (C) Time at which the peak in ﬂuorescence derivative
occurs plotted against the ENG concentration. The concentration of
EXG was kept constant at 1 μM.

Figure 3. Detecting the cellulolytic activity of the T. reesei enzymatic
cocktail. Attenuation of (A) napier grass and (B) miscanthus
autoﬂuorescence by the hydrogel ﬁlm formed in response to enzymatic
glucose production. (A and B, top) Changes of ﬂuorescence signal in
time. The shadowed area represents standard deviation of ﬁve
independent measurements. (A and B, bottom) First derivative of
ﬂuorescence signal over time. (C) Time at which the peak in
ﬂuorescence derivative occurs plotted against the T. reesei enzymatic
cocktail concentration. Lower Tmax values represent high enzymatic
activity.

Afterward, their activity on ﬁlter paper was evaluated using
the dye-free HyReS assay (Figure 7). The gel formation in
presence of ENG was fast regardless of prolonged heat
exposure, indicating that activity of this thermophilic enzyme
remained largely unaﬀected by temperature. On the contrary,
activity of the EXG decreased drastically after 5 min of heat
shock, and after 9 min gel formation was not detectable,
indicating total loss of activity of this mesophilic enzyme.

increased their concentration in the immediate proximity of the
substrate.
Quantifying Thermostability of Cellulases. One more
application that we foresee for the HyReS assay is selecting
cellulases for thermostability, a quality which can increase their
lifetime under the harsh conditions required for bioprocessing.46 As an example, two cellulases, EXG and ENG, were heatshocked at 80 °C for variable time intervals from 0 to 90 min.
7136
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Figure 5. Activity of trimodular endoglucanase-loaded minicellulosomes on pretreated napier and miscanthus grasses. (A, top) Changes
of epiﬂuorescence signal in time. Shadow area represents standard
deviation of ﬁve measurements. (A, bottom) First derivative of
ﬂuorescence signal over time. (B) Time at which the peak in
ﬂuorescence derivative occurs for miniscaﬀolds with and without CBM
(see inset). ∗ P < 0.01, ∗∗ P < 0.005 in two-tailed unpaired Student t
test.

■

CONCLUSIONS
Several qualities signiﬁcantly diﬀerentiate the label-free HyReS
system from other cellulolytic activity assays, and from our
prior work.25 The simplicity of preparation of substrate discs
from virtually any type of pretreated biomass allows the
assessment of hydrolytic potential of enzymatic cocktails in
conditions relevant to the biomass-to-bioenergy industry. This
feature circumvents the issue of many commonly used assays,
including FPA, that are limited to artiﬁcial substrates.30
Directed evolution studies would especially beneﬁt from
using natural biomass during screening processes. The
screening method is of course crucial in this context. As the
saying goes, “you get what you screen for”.4,47 In principle our
method of preparing pretreated biomass discs can be used in
combination with diﬀerent sugar readout modes; however, the
impact of the substrate on assay results (e.g., unspeciﬁc
adsorption of dyes) should be carefully assessed.
Our label-free HyReS assay is compatible with 96-well plates
allowing for easy experiment parallelization and laboratory
automation. Liquid handling is relatively uninvolved, and all
assay components can be premixed in bulk. After applying
HyReS reagents onto biomass discs, no additional pipetting
steps are required and readout takes place from the same
microtiter plate. This is in contrast to the FPA and other
bioenzymatic assays where the addition of further reagents and
alteration of buﬀering conditions is necessary before developing
color in an additional incubation step. The general issue of
reproducibility and poor comparability due to extreme

Figure 6. Detecting synergistic eﬀects between exoglucanases (1 μM),
endocellulases (0.1 μM), and β-glucosidase (1 mg mL−1). (A and B,
top) Changes of epiﬂuorescence signal in time. Shadowed areas
represent standard deviation of ﬁve measurements. (A and B, bottom)
First derivative of ﬂuorescence signal over time. (C) Time at which the
peak in ﬂuorescence derivative occurs for various enzyme
compositions.

sensitivity to experimental conditions is a widely acknowledged
problem for cellulase assays in general.5,29 Our one-step rapid
protocol simpliﬁes the liquid handling and therefore improves
reproducibility on any cellulosic substrate of choice. It is also
possible to use HyReS system at elevated, more catalytically
relevant temperatures (i.e., 48 °C, data not shown).
Our prior work demonstrated that the same redox/enzyme
signaling pathway could be used to polymerize ﬂuorescent
hydrogels incorporating a rhodamine-acryl compound.25 Our
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design for enzymatic cocktails. In most cases a direct
comparative empirical approach is indeed necessary.4
In conclusion we developed a label-free, polymerizationbased HyReS for determining the hydrolysis of lignocellulosic
biomass. Through radical polymerization of a cross-linked
hydrogel at the location of glucose production, we achieve high
signal ampliﬁcation and speciﬁcity for quantifying total
cellulolytic activity. Our assay is fast, easy to automate and
parallelize, and can be used in combination with arbitrary
(ligno)cellulose sources including pretreated biomass. The
ability to determine cellulolytic activity, thermostability, exo/
endo synergy, and targeting eﬀects in cellulolytic enzyme
formulations and cellulosomes establishes the HyReS assay as a
valuable method for enzyme screening for improved bioconversion of lignocellulose.

■

Figure 7. Thermostability of cellulases. Time needed to reach
maximum of the gel growth rate is plotted against heat-shock time
at 80 °C. Linear ﬁts serve as a guide for the eye.

EXPERIMENTAL SECTION
Materials. Exoglucanase (EXG, cellobiohydrolase I from
Trichoderma longibrachiatum, speciﬁc activity 0.1 U/mg at
40 °C, pH 4.5) and endoglucanase (ENG, endo-1,4-β-Dglucanase from Talaromyces emersonii, speciﬁc activity 64 U/mg
at 40 °C, pH 4.5) were purchased from Megazyme (Ireland).
Cellulase from Trichoderma reesei ATCC 26921 (8 U/mg at 37
°C, pH 5), GOx from Aspergillus niger, and βG from almonds
(2.1 U/mg at 37 °C, pH 5.0) were purchased from SigmaAldrich. Minicellulosomes consisting of three dockerincontaining CelA enzymatic units (cellulase 8A from Clostridium
thermocellum) arranged on trimodular scaﬀoldin were purchased from NZYtech (Portugal). Two diﬀerent scaﬀoldins,
with (3xGH8 + Coh-CBM3-Coh-Coh) and without (3xGH8 +
Coh-Coh-Coh) family 3 CBM, were used. Black, ﬂat-bottom
polypropylene 96-well plates were purchased from Grenier
(Bio-One). All other reagents were obtained from SigmaAldrich and used without further puriﬁcation.
Biomass Pretreatment. Two types of energy crops, napier
grass (Pennisetum purpureum) and miscanthus (Miscanthus ×
giganteus), were used as sources of biomass. Plant matter was
mechanically processed to produce coarse powder. Noncellulosic components were extracted with 0.1 M NaOH at
80 °C for 12 h with stirring. After thorough rinsing with water,
the biomass sample was deligniﬁed in 0.05 M HCl at room
temperature for 12 h with stirring. The sample was washed with
water until neutral pH was reached. The sample was ﬁltered
through Whatman ﬁlter paper using Büchner funnel to produce
an entangled pad of ∼3 mm thickness. The pad was peeled of
ﬁlter paper and dried overnight at 37 °C. Discs of 6 mm were
cut out from the dry, paper-like product using a hole punch.
Raman Spectroscopy. Raman spectra were obtained using
T64000 triple grating Raman system (Horiba Scientiﬁc,
France). The measurements were performed in air using a
568 nm argon/krypton gas laser line (Coherent) and a 100×
MPlanN air objective (NA 0.9, Olympus). Spectra were
calibrated with the Raman line of silicon at 520.70 cm−1.
HyReS Assay. All measurements were performed in 20 mM
sodium acetate (NaAc) buﬀer at pH 4.5. The HyReS mix
supplemented with cellulolytic enzymes of interest was freshly
prepared before each experiment and preheated to 37 °C.
Composition of the standard reagent mixture is shown in Table
1.
A black 96-well polypropylene plate with ﬂat bottom was ﬁrst
cleaned with isopropyl alcohol and washed with deionized
water. The biomass discs were carefully placed at the bottom of
the plate wells, and the plate was preheated to 37 °C. The wells

current method signiﬁcantly diﬀerentiates itself from this prior
art in several ways. First, the current method is label-free,
requiring no dyes whatsoever. Instead we rely on the
ﬂuorescent emission inherent to the substrate. Second, we
used here a fundamentally diﬀerent measurement modality
based on absorbance/scattering of excitation and emission
beams, with a reﬂective component to the signal contributing in
epi-illumination. And third, we have demonstrated for the ﬁrst
time the implementation of a hydrogel-based assay for
diﬀerentiation of cellulase mixtures based on endo/exo synergy
and CBM-targeting ability. Additionally we assayed thermostability of enzymes with the one-pot polymerization assay.
We note the assay as implemented here is primarily a
threshold measurement, meaning a certain amount of glucose is
required to initiate polymerization. Once the amount of glucose
has been produced, polymerization occurs quickly and
concludes with relatively little continued gel growth at longer
time points. We took as the assay ﬁgure of merit the time
required to initiate polymerization and found this to be a
semiquantitative estimator of hydrolytic enzyme activity.
Despite its advantages, the HyReS system also has some
associated limitations. Our one-step protocol introduces
possible interference of assay components on cellulolytic
activity. In particular, changes in substrate structure and
enzyme−substrate interactions induced by PEG4050 could be
of potential concern. However, PEG has been shown to
enhance enzymatic hydrolysis of lignocellulose, and we do not
expect it to adversely aﬀect most cellulase enzymes.5,48,49
Potential restrictions on the HyReS assay in terms of pH
requirements along with absolute glucose sensitivity are
discussed in detail in our previous work.25
We also note that due to the complex multistep signal
ampliﬁcation mechanism, the response of our label-free HyReS
assay is nonlinear (see Figure 3A). We believe the assay is best
suited for determining early stage hydrolytic eﬃcacy, before
trapping of enzymes inside the gel structure and transport
limitations become dominant. The HyReS assay cannot provide
an activity measure in terms of glucose production per unit of
time. It is most suitable for applications where direct
comparisons between cellulolytic activities at early time points
is preferred. However, we do not see this as compromising the
assay applicability. Complex synergistic relationships between
cellulases and an intricate interplay between substrate structure
and enzyme composition limits the predictive power of rational
7138
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Table 1. Components of Label-Free HyReS Assay
component

concentration

glucose oxidase
FeSO4
ascorbic acid
PEG diacrylate (Mn 575)
NaAc buﬀer, pH 4.5

1 mg mL−1
250 μM
250 μM
150 mg mL−1
20 mM

σtmax

⎞−1
⎟ σ (t )
⎟ F max
t = t max ⎠

Thermostability Measurement. A 10 μM solution of
EXG/ENG in NaAc was heat-shocked at 80 °C for up to
90 min. Afterward it was cooled to room temperature and
mixed with HyReS reagents to obtain detection solutions
containing 2 μM EDG. Cellulolytic activity assay was
performed as described above.

■
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